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Protein ADP-ribosylation is a post-translational modification involved in multiple 
biological processes, such as differentiation, inflammatory signaling, metabolism and 
cancer. The best studied ADP-ribosyltransferase (ART), nuclear protein ARTD1, 
catalyzes the addition of poly-ADP-ribose (PAR) onto target proteins, which 
influences local chromatin condensation and thereby affects transcription, replication 
and DNA repair. Furthermore, ARTD1 interacts with the histone-like protein 
HMGB1, an abundant protein that affects chromatin organization through its ability to 
bend DNA.  ARTD1 is strongly activated upon genotoxic stress, commonly attributed 
to the DNA strand breaks induced. It is not clear to which extent the activity and 
function of ARTD1 is controlled by other molecular mechanisms. Thus, the aim of 
this thesis was to investigate if HMGB1 regulates ARTD1 function during different 
stress conditions. 
 Upon oxidative stress induced by H2O2, we found ARTD1-mediated PAR 
formation to be strongly dependent on intracellular calcium release and the activation 
of the calcium-dependent kinase PKCα. However, phosphorylation of ARTD1 by this 
kinase did not affect its in vitro ADP-ribosylation activity. Since HMGB1 is also a 
modification target of PKCα, we tested whether phosphorylation of HMGB1 by 
PKCα may be involved in H2O2-induced PAR formation.  Indeed, while non-
phosphorylated HMGB1 represses ARTD1 activity, the PKCα-mediated 
phosphorylation of HMGB1 is required to allow induction of PAR formation by 
ARTD1 upon H2O2.  
 Moreover, we investigated whether the transcriptional co-factor function of 
ARTD1 is regulated by HMGB1. We could show that ARTD1 and HMGB1 co-
regulated the LPS-induced gene expression of the NF-κB-target gene IP-10, but not 
that of IL-6. However, we show that ARTD1 can influence the chromatin flavor 
around the promoter of the pro-inflammatory gene IL-6 by repressing MLL1-
mediated trimethylation of H3K4, resulting in attenuated transcription.  
The findings of this thesis demonstrate how HMGB1 controls the activity of 
ARTD1 during oxidative stress, and how ARTD1 regulates NF-κB-dependent gene 
expression. This underlines the important involvement of ARTD1 and HMGB1 in the 
cellular stress response, and could be medically relevant for targeting oxidative stress-





ADP-Ribosylierung von Proteinen ist eine posttranslationale Modifikation, die in 
multiplen biologischen Prozessen vorkommt, wie zum Beispiel bei inflammatorischen 
Signalübermittlungen, Stoffwechselprozessen und Krebserkrankungen. Die am besten 
untersuchteste nukleäre ADP-Ribosyltransferase (ART) ist ARTD1. ARTD1 
katalysiert den Anhang von Poly-ADP-Ribose (PAR) an Zielproteine, wodurch die 
lokale Chromatin-Kondensation moduliert und dadurch Transkription, Replikation 
und DNS Reparatur beeinflusst wird. Außerdem interagiert ARTD1 mit dem häufig 
vorkommenden Histon-ähnlichen Proteinen HMGB1, das durch seine Eigenschaft die 
DNS zu biegen die Chromatin Organisation mitgestaltet.  
ARTD1 wird bei genotoxischem Stress, der mit Schäden der DNS einhergeht, 
stark aktiviert. Es ist unklar, inwiefern die Aktivierung und Funktion von ARTD1 
durch andere molekulare Mechanismen kontrolliert wird. Diese Dissertation 
untersucht, ob und wie HMGB1 die Funktionsweise von ARTD1 während 
unterschiedlichen Stressbedingungen reguliert. 
Wir zeigen, dass die durch H2O2-vermittelten oxidativen Stress-induzierte und 
durch ARTD1 ausgeführte PAR-Bildung sowohl von der intrazellulären 
Calciumfreisetzung als auch von der Calcium-abhängigen Kinase PKCα abhängt. Die 
Phosphorylierung von ARTD1 durch diese Kinase hatte jedoch keinen Einfluss auf 
die ADP-Ribosylierung in vitro. Währendem HMGB1, ebenfalls Zielprotein von 
PKCα, im nicht-phosphorylierten Zustand die Aktivität von ARTD1 hemmt, ist die 
PKCα vermittelte Phosphorylierung von HMGB1 nötig, um H2O2-induzierte PAR-
Bildung zu erlauben. 
Außerdem untersuchten wir, ob die transkriptionelle Cofaktorfunktion von 
ARTD1 durch HMGB1 reguliert wird. Wir konnten zeigen, dass ARTD1 und 
HMGB1 nach LPS-Stimulierung das NF-κB Ziel-Gen IP-10, jedoch nicht IL-6 
regulieren. Ferner konnten wir zeigen, dass ARTD1 die Chromatin-Eigenschaften am 
Promoter des pro-inflammatorischen Gens IL-6 dahingehend verändert, dass die 
MLL1-abhängige Trimethylierung von H3K4 unterdrückt und dadurch die 
Transkription gehemmt wird.  
Die Ergebnisse dieser Arbeit zeigen, wie HMGB1 die Aktivität von ARTD1 
während oxidativen Stresses kontrolliert und wie ARTD1 die NF-κB abhängige 
Genepression reguliert. Dies unterstreicht die Wichtigkeit von ARTD1 und HMGB1 
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8-oxoG    7,8-Dihydro-8-oxoguanine 
aa     Amino acid 
ADPr     Adenosine diphosphate ribose 
AP sites    Apurinic/apyrimidinc sites 
ARH     ADP-ribosyl hydrolase  
ART     ADP-ribosyltransferase 
ARTD     ADP-ribosyltransferase diphtheria toxin-like 
ARTC     ADP-ribosyltransferase cholera toxin-like 
ATM    Ataxia telangiectasia mutated 
ATP    Adenosine triphosphate 
BER     Base excision repair 
bp     Base pair 
BRCT     BRCA1 carboxy-terminal domain 
CaMK     Ca
2+
/calmodulin-dependent protein kinase 
CBP     CREB-binding protein  
ChIP     Chromatin immunoprecipitation 
CTCF    CCCTC-binding factor 
DAG    Diacylglycerol 
DBD    DNA-binding domain 
DAPI     4',6-diamidino-2-phenylindole 
DNA     Deoxyribonucleic acid 
DNMT    DNA methyltransferase 
DSB     Double-strand break 
eEF2    Eukaryotic elongation factor 2 
ER    Endoplasmic reticulum 
ERK    Extracellular signal-regulated kinase 
ET    Endotoxin tolerance 
GSH    Glutathione 
HDAC     Histone deacteylase 
H2O2     Hydrogen peroxide 
H3K4me1   Histone H3 lysine 4 monomethylation 
H3K4me2   Histone H3 lysine 4 dimethylation 
H3K4me3   Histone H3 lysine 4 trimethylation 
H3K9me3   Histone H3 lysine 9 trimethylation 
H3K27me3   Histone H3 lysine 27 trimethylation 
H3K36me3   Histone H3 lysine 36 trimethylation 
H3K79me3   Histone H3 lysine 79 trimethylation 
HMG    High-mobility group protein 
HMGB1   High-mobility group protein box 1 
HR     Homologous recombination 
HP1    Heterochromatin protein 1 
IKK    IκB kinase 
IL6     Interleukin 6 
IP10    Interferon gamma-induced protein 10 
IP3    Inositol-1,4,5-triphosphate 
IP3R     IP3 receptor 
JNK    c-Jun N-terminal kinase 
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LPS     Lipopolysaccharide 
MAPK    Mitogen-activated protein kinase 
MAR    Mono-ADP-ribose 
MARylation   Mono-ADP-ribosylation 
MEF     Mouse embryonic fibroblast 
MIP2    Macrophage inflammatory protein 2 
MLL1    Myeloid/lymphoid or mixed-lineage leukemia protein 1 
NAD     Nicotinamide adenine dinucleotide 
NAM     Nicotinamide 
NE Nuclear extract 
NEIL NEI-like endonucleases 
NER    Nucleotide excision repair 
NHEJ    Non-homologous end joining 
NMNAT   NMN adenylyltransferase 
NF-κB  Nuclear factor of kappa light polypeptide gene enhancer in 
B-cells 
NFAT  Nuclear factor of activated T-cell 
NTH1    Endonuclease III homologue 
O2
-
    Superoxide radical 
OH    Hydroxyl radical 
OGG1    8-oxoguanine glycosylase 1 
PAR     Poly-ADP-ribose 
PARG     Poly-(ADP-ribose)-glycohydrolase 
PARP     Poly-(ADP-ribose)-polymerase 
PARPi    PARP inhibitor 
PARylation    Poly-ADP-ribosylation 
PBM    PAR-binding motif 
PBS     Phosphate-buffered saline 
PBZ    Poly-ADP-ribose-binding zinc finger 
PHE    1,10-phenanthroline 
PIP2    Phosphatidylinositol 4,5-bisphosphate 
PKC    Protein kinase C 
PLC    Phospholipase C 
PNKP    Polynucleotide kinase-phosphatase 
Pol β     DNA polymerase β  
PRC    Polycomb repressory complexes 
PRD    PARP regulatory domain 
PTEN    Phosphatase and tensin homolog 
PTM     Post-translational modification 
RAGE    Receptor for advanced glycation end products 
RB    Retinoblastoma 
RNA     Ribonucleic acid 
ROS    Reactive oxygen species 
SIRT    Sirtuin 
SOD    Superoxide dismutase 
SSB     Single-strand break 
TNFα     Tumor necrosis factor α 
XRCC1    X-ray repair cross-complementing protein 1  
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1 Introduction 
1.1 Oxidative Stress 
Reactive oxygen species (ROS), such as superoxide radical (O2
-
), hydrogen peroxide 
(H2O2) and hydroxyl radical (OH), are continuously formed endogenously by partial 
reduction of oxygen during cell metabolism [1]. ROS are released by macrophages in 
the inflammatory response, as well as formed by NADPH oxidases in other cell types 
upon growth factor or cytokine stimulation [2, 3]. Exogenous stimuli such as ionizing 
radiation and cigarette smoke can also cause an increase in intracellular ROS [1]. 
ROS induces oxidation of cellular biomolecules, which influences their function and 
can lead to severe cellular damage. Intracellular ROS levels thus need to be kept at a 
minimum. The total cellular ROS levels at any given point depends on the antioxidant 
defense capacity of the cell. The cellular antioxidant defense system consists of 
several enzymes such as superoxide dismutase (SOD), which converts O2
- to H2O2, 
catalase, which breaks down H2O2 to H2O and oxygen, and glutathione peroxidase, 
which catalyzes the breakdown of peroxides, including H2O2, via the reductant 
glutathione (GSH) [2, 4]. Similarly, thioredoxins catalyze the breakdown of H2O2 via 
its own oxidation [3]. Oxidative stress results from the increased levels of ROS and 
induces oxidation of various cellular biomolecules, such as lipids, proteins and 
nucleic acids [5]. Lipid peroxidation primarily cause damage to the lipid-rich cell 
membrane, but can also mediate further cell damage via reactive aldehydes and 
lipoproteins [6]. Protein oxidation leads to either protein degradation, or altered 
protein function due to oxidation of essential cysteine residues [5]. ROS also induce 
oxidative damage to nucleic acids such as DNA, which can cause mutations when not 
properly repaired [1].   
1.1.1 Oxidative stress-induced signaling 
Protein oxidation has been shown to play an important role in cellular signaling of 
oxidative stress, since the oxidation of many signaling enzymes, such as kinases and 
phosphatases, leads to altered catalytic function [2, 3, 7]. For example, mitogen-
activated protein kinase kinase kinase (MAPKKK) is activated by H2O2 via oxidation 
of thioredoxin [3, 8]. In turn, activated MAPKK activates Jun N-terminal kinase 
(JNK), extracellular signal-regulated kinase (ERK) and p38 MAPK, which induce 
cellular responses such as inflammation, proliferation and DNA repair [3]. Ataxia 
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telangiectasia mutated (ATM) kinase can also be oxidized and activated by H2O2, 
which leads to dimer formation, auto-phosphorylation and subsequent 
phosphorylation of target proteins, such as p53 and Chk2 [9]. 
Increased intracellular ROS can lead to the oxidation of protein tyrosine 
kinases, such as phosphatase and tensin homolog (PTEN). The oxidation of PTEN 
leads to its inactivation, which in turn activates phospholipase C (PLC) at the 
membrane. PLC-dependent cleavage of phosphatidylinositol 4,5-bisphosphate (PIP2) 
generates the secondary messengers inositol-1,4,5-triphosphate (IP3) and 
diacylglycerol (DAG), of which IP3 regulates the release of Ca
2+
 from the ER via the 
IP3 receptor (IP3R) [10]. Ca
2+
 acts as an activator and cofactor of multiple proteins 
with a wide range of biological functions, such as kinases (e.g. protein kinase C 
[PKC], Ca
2+
/calmodulin-dependent protein kinases [CaMK] and MAPK), 
transcription factors (e.g. nuclear factor of activated T-cell [NFAT] and CREB-







 levels can increase up to 10-fold upon oxidative stress, and Ca
2+
 has 
been described as a potent signaling molecule involved in processes such as cell 
proliferation, gene transcription and tumor progression [11-14]. The elevated Ca
2+
 
levels can enhance the initial oxidative signaling via increased Ca
2+
 uptake by the 
mitochondria, which stimulates the TCA (Krebs) cycle and thereby increases oxygen 
consumption and subsequent ROS generation [15]. The increased levels of Ca
2+
 upon 
H2O2 stimulation have been attributed the dynamic release of Ca
2+
 from the major 
intracellular Ca
2+
 storage, the endoplasmic reticulum (ER) [10, 11].  
1.1.3 Oxidative DNA-damage 
ROS cause oxidative damage to the DNA, resulting in modified bases or sugars, 
DNA-protein cross-links, strand breaks, apurinic/apyrimidinc (AP) sites or tandem 
lesions [1]. The exact mechanism by which H2O2 induces DNA damage is not known, 
but it has been suggested that the highly reactive OH is formed through the Fenton 
reaction in close proximity to the DNA target, with transition metal ions (copper or 
iron) as catalyst [2]. The oxidative damage of sugar backbone can generate single-
stranded breaks (SSB), due to the displacement of the ribose [16]. Over 20 different 
types of oxidative lesions to DNA bases can be formed by ROS, which may result in 
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mutations if not repaired properly [1]. 7,8-Dihydro-8-oxoguanine (8-oxoG) is one of 
the most common oxidative base lesion observed in tissues and cells, and by far the 
most studied oxidative lesion, both biochemically and pathologically, due to the 
availability of measuring techniques and its mutagenic properties [4, 16, 17].  
1.1.4 Repair of oxidative DNA lesions by BER and DNA glycosylases 
ROS-induced DNA lesions are mainly repaired by the base excision repair (BER) 
pathway, which replaces the single damaged base stepwise with an undamaged base 
[4]. In the first step, a DNA glycosylase excises the modified base from the DNA by 
hydrolyzing the N-glycosidic bond between the modified base and the backbone, 
generating an AP site [18]. Thereafter, endonucleases with an AP lyase activity cleave 
the 3′-phosphodiester bond to remove the ribose, causing a single-stranded nick. The 
single nucleotide is replaced by DNA polymerase β (pol β) and finally the backbone 
sealed by DNA ligase III in complex with X-ray repair cross-complementing protein 
1 (XRCC1) (Figure 1) [19]. 
The main DNA glycosylase that excises 8-oxoG is 8-oxoguanine glycosylase 1 
(OGG1), which is also the best studied enzyme [20]. However, a few other DNA 
glycosylases with different specificities towards oxidative DNA lesions have also 
received attention in recent years, such as NEI-like endonucleases (NEIL) 1-3 and 
endonuclease III homologue (NTH1) [4, 21, 22]. What mechanism activates the 
specific DNA glycosylases has not been fully elucidated and needs further 
investigation. 
Figure 1. The base excision repair pathway [19]  
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1.2 Protein ADP-ribosylation 
Protein ADP-ribosylation is a reversible post-translational modification (PTM) 
catalyzed by a class of enzymes called ADP-ribosyltransferases (ARTs). They use 
nicotinamide adenine dinucleotide (NAD
+
) as substrate to covalently attach adenosine 
diphosphate ribose (ADPr) to specific amino acid side chains of a protein and 
consequently release nicotinamide (NAM) as byproduct [23]. Protein ADP-
ribosylation is a widely spread PTM in eukaryotes, although absent in yeast, but was 
originally identified as the functional mechanism of bacterial toxins such as the 
Corynebacterium diphteriae toxin [24, 25]. Several amino acids (aa) have been 
reported to be acceptors of ADPr in eukaryotic cells: arginine (R), glutamate (E), 
aspartate (D), lysine (K), diphtamide (Dph), phospho-serine (pS), asparagine (N) and 
cysteine (C) [26-28]. Protein mono-ADP-ribosylation (MARylation) is the addition of 
one ADPr unit to a specific aa. The first ADPr can be extended through a glycosidic 
ribose-ribose bond and can by further extension give rise to an oligomer and 
eventually a polymer of ADPr, a process termed protein poly-ADP-ribosylation 
(PARylation) [29]. Polymers of ADPr (PAR) can be linear or branched and can reach 
a length of 400 moieties in vitro [30], but it is currently unknown how the polymer 
length and the branching frequency of the polymers is controlled in vivo.  
Identification of eukaryotic ADP-ribosylated proteins has long been limited by 
the lack of appropriate methods, but has vastly progressed in the last few years due to 
technical advances [31-33]. Endogenous basal levels of cellular ADP-ribosylation are 
very low and difficult to detect, but higher detectable levels can be induced by 
mitogenic or genotoxic stress, which cause activation of various ARTs [23]. The 
presence of the large size and the bulkiness of the branched polymers, as well as the 
markedly negative charge of ADPr, change the nature of the modified target proteins. 
Thus, PARylation of a target protein can modulate its activity [34, 35], localization 






 is a universal energy-carrying molecule that acts as a cofactor in multiple 
cellular redox reactions and is reversibly oxidized (NAD
+
) or reduced (NADH) by 
various oxidoreductases [37]. NAD
+
 is de novo synthesized from L-tryptophan or via 
the salvage pathway from nucleobases and nucleosides [38]. The salvage pathway can 
recycle the byproduct of ARTs NAM into NAD
+






-dependent enzymes with new substrate. In the nucleus, NMN 
adenylyltransferase (NMNAT) 1 is responsible for the final step of the salvage 
synthesis [39, 40], and since NMNAT1 KO in mice is embryonic lethal, NAD
+
 levels 
from other cellular compartments do not seem to be able to compensate the loss of 
NAD
+
 in the nucleus [41]. However, the lack of in vivo detection methods for NAD
+
 
makes it difficult to assess how the NAD
+
 pools of specific compartments change 
upon activation of NAD
+
-consuming enzymes. 
The consumption of NAD
+
 by ARTs upon high activity can lead to depletion 
of cellular NAD
+
 contents, and a consequent drop in ATP levels, leading to cell death 
[37, 38]. Upon excessive ADP-ribosylation, the nuclear member of the NAD
+
-
dependent deacetylases sirtuins SIRT1 is inhibited by limited nuclear NAD
+
 [42, 43]. 
The balancing act of NAD
+
 consumption by nuclear ARTs and SIRT1 have been 
described for several cellular functions, such as metabolism, aging and inflammation 
[40]. However, whether ARTs and SIRTs compete for the same NAD
+
-pool remains 
to be shown.  
1.2.2 ARTD family members 
Cellular ARTs are subdivided into two large families, the membrane-associated 
cholera toxin-like ARTCs, facing the extracellular space, and the intracellular 
diphtheria toxin-like ARTDs [28]. The human ARTD subclass, formerly known as 
poly-ADP-ribose polymerases (PARPs), consists of 18 family members, which all 
contain the characteristic catalytic ART domain [28]. It has been postulated that the 
H-Y-E motif sequence, located in the catalytic domain of ARTD1-6, determines the 
ability of ARTDs to form PAR, while ARTDs lacking this motif only form mono-
ADP-ribose (MAR) [44]. However, although the NAD
+
-binding pocket of ARTD3 
and ARTD4 contain this motif, they have only been described to have MARylation 
activity so far [44, 45]. ARTD5 and ARTD6 synthesize oligo-ADP-ribose of around 
20 ADPr moieties, while ARTD1 and ARTD2 can form PAR of up to hundreds of 
ADPr units, both linear and branched [46]. ARTD7-17 are mono-ADP-
ribosylatransferases, except for ARTD9 and ARTD13, which have been described to 
be inactive in spite of harboring a catalytic domain [27, 44, 47]. The activity of 
ARTD18 has not yet been determined. ARTD1 is located exclusively in the nucleus, 
ARTD7, ARTD12, ARTD13, ARTD15-17 in the cytoplasm, and ARTD2-6, ARTD8-
11 and ARTD14 have a nuclear and a cytoplasmic localization [29, 38]. 
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1.2.3 Readers of protein ADP-ribosylation 
ADP-ribosylation acts as a scaffold to recruit specific proteins and induce complex 
formation. There are several known ADP-ribose-binding motifs and domains [48-51]. 
Macrodomains are highly conserved globular modules with a preferential binding to 
terminal ADP-ribose, whereas the poly-ADP-ribose-binding zinc finger (PBZ) 
domains recognize two adjacent ADP-ribose moieties, and WWE-domains bind to 
iso-ADP-ribose and PAR [29, 52]. The PAR-binding motif (PBM), which consists of 
20 amino acids with clusters of basic and hydrophobic residues, has been suggested to 
bind to highly negative long polymers, and is found in several proteins involved in 
DNA damage repair [29, 52].  
Several cellular processes, such as DNA repair, transcription, differentiation, 
RNA maturation and degradation, as well as chromatin remodeling have been shown 
to be influenced by non-covalent binding of PAR-binding proteins [29]. The most 
studied process in the context of protein recruitment by interaction with PAR has been 
DNA repair. Several DNA repair factors have been described to bind to PAR via their 
PBMs, such as XRCC1, XPA, Chk1, p53 and WRN [53-56]. The scaffold feature of 
PAR not only recruits single factors, but can also facilitate ‘droplet’ formation of low 
complexity region proteins (e.g. FUS). The PAR chains provide a transient scaffold 
for nucleation of these intrinsically disordered proteins via interaction between their 
positively charged RGG repeats and the highly negatively charged PAR, a process 
described to be involved in orchestrating the initiation of DNA repair [57].  
Additionally, the highly negative charge of the polymers have been suggested 
early on to compete with DNA for binding of the histones and thereby function as a 
histone chaperone, regulating nucleosome displacement from the chromatin [58]. 
However, this view has been recently challenged and other mechanisms by which 
PAR regulates nucleosome sliding and chromatin remodeling have been suggested. 
For example, the SNF2 ATPase chromatin remodeler ALC1 is rapidly recruited to 
nucleosomes by macrodomain-mediated binding to PAR, to increase chromatin 
accessibility [59, 60]. Conversely, the binding of macrodomains from histone 
macroH2A1.1, which localizes to DNA damage sites, can lead to the compaction of 
chromatin [48]. 
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1.2.4 Erasers of protein ADP-ribosylation 
The majority of protein ADP-ribosylation has a half-life of less than 40 seconds up to 
a few minutes, depending on the stimulus used, while a small fraction of the 
modification has a half-life of several hours [61, 62]. The rapid turnover of ADP-
ribosylation is mainly due to the hydrolysis of the modification by ADP-ribose 
protein hydrolases, such as poly-(ADP-ribose)-glycohydrolase (PARG), ADP-ribosyl 
hydrolases (ARH) 1 and 3, or, as was recently discovered by our group and others, 
macrodomain hydrolases (MDO1, MDO2 and C6orf130/TARG) [63-67]. These 
different classes of hydrolases have distinct modes of action: Whereas PARG and 
ARH3 seem to mainly remove poly-ADP-ribose (PAR), ARH1 and the 
macrodomains remove the mono-ADP-ribose (MAR) of different acceptor sites [52, 
64, 65]. 
1.2.5 PARP inhibitors 
Most ARTD inhibitors, also named PARP inhibitors (PARPis), are NAD
+
-analogues 
and inhibit the catalytic activity of ARTs by competing with the binding of NAD
+
 to 
the catalytic cleft [68]. Although the development of new, more specific PARPis than 
the initial low-potency 3-aminobenzamide has largely progressed, no compound 
currently on the market is specific for a certain ARTD family member [68, 69]. 
Additionally, it is not well known which members are inhibited and to which extent  
by particular compounds. Clinical studies with PARPi have mainly been focusing on 
ARTD1, which has been shown to have a dual role in the response to genotoxic stress 
and DNA damage. ARTD1 has a pro-survival function by promoting DNA repair, but 
upon excessive DNA damage, ARTD1 is strongly activated, leading to NAD
+
-
depletion, drastic ATP reduction, resulting in cell necrosis [70, 71]. 
Monotherapy with PARPi is used for tumors with BRCA1/2 mutations, hence 
deficient in homologous recombination (HR). The treatment is thought to result in the 
accumulation of high levels of unrepaired DNA breaks, due to BER inhibition or 
trapping of catalytically inactive ARTD1 at the site of damage, which accumulate 
SSB, leading to double-stranded breaks (DSB) after replication, causing synthetic 
lethality [72, 73]. An alternative model describes how the presence of PARPis, in the 
absence of HR favors the more error-prone non-homologous end joining (NHEJ) 
repair pathway, which results in cytotoxic mutations and chromosomal 
rearrangements [73]. Combinational therapy, such as PARPi together with 
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chemotherapy or radiation therapy, targets ARTD1 to prevent efficient DNA repair, 
causing lethal levels of DNA breaks [68]. Although there are still many challenges in 
the development of more efficient PARPis, a recent important advancement is the 
approval of the PARPi olaparib (Lynparza) for treatment of advanced ovarian cancer 
in patients with BRCA mutations [68]. 
Lately, the interest in the alternative use of PARPi outside of the field of 
genotoxic stress has grown. Multiple studies have shown a protective effect of 
PARPis towards a number of inflammatory conditions [74-76], and have also been 
investigated as a strategy to treat inflammation-related diseases, such as myocardial 
infarction and stroke [72]. The studies on PARPi treatment in non-cancerous diseases 
are promising, but the precise protective mechanisms of PARPis in these diseases 
need further investigations. 
1.3 ARTD1 
The best-studied member of the ARTD family is ARTD1, which is exclusively 
localized in the nucleus and responsible for most of the nuclear PAR formed upon 
genotoxic stress [77]. Its role in genome stability is supported by studies based on 
ARTD1 KO mice, which are viable, but sensitive to genotoxic stress [78-80].  
1.3.1 Protein structure of ARTD1  
ARTD1 has a molecular weight of 116 kDa and contains several functional domains 
(Figure 2) [81]. ARTD1 consists of a DNA-binding domain (DBD), an 
automodification domain, a protein-interacting domain (BRCT), a WGR domain and 
the characteristic core catalytic domain. The DBD is required for the activation of 
ARTD1 by DNA and contains three zinc-finger domains that mediate the binding of 
ARTD1 to DNA. The DBD is necessary and sufficient for binding to nucleosomes, 
yet the DBD alone is unable to promote ARTD1 functions, such as chromatin 
compaction [82]. ARTD1 was initially described to modify mainly itself on glutamic 
Figure 2. The structural domains of ARTD1 [81] 
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acids in the auto-modification domain, a view that has recently been challenged by 
our group, by providing evidence that also lysines in this domain can serve as ADPr 
acceptor sites [83, 84]. The BRCT domain is important for several protein–protein 
interactions [84]. The WGR domain is essential for the correct folding of the enzyme 
upon activation by DNA strand breaks, but is not very well characterized [85]. The 
core catalytic domain consists of the α-helical PARP regulatory domain (PRD) and 
the characteristic ART domain containing the signature motif (Sig), which together 
are required for the binding of NAD
+
 and the catalytic activity of ARTD1 [85]. 
Recent studies describe primarily lysines, arginines, glutamic and aspartic acids to be 
the targeted amino acids of ARTD1, although the main acceptor site of ARTD1-
mediated ADP-ribosylation has not yet been determined [26, 31, 32, 86]. 
1.3.2 Regulation of ARTD1’s enzymatic activity in a DNA-dependent manner 
The activity of ARTD1 has most commonly been studied during genotoxic stress. 
DNA alkylating and oxidative agents have been extensively used to trigger nuclear 
PAR formation in cell culture experiments [71]. In vitro, ARTD1 activity is mainly 
induced by linear stretches of DNA or DNA containing nicks and breaks. Both zinc-
finger 1 and 2 in the DBD of ARTD1 have been described to be important for its 
binding to DNA breaks [87, 88]. The binding of ARTD1 to sites of DNA damage 
facilitates its dimerization and induces its trans-automodification [88], which in turn 
is required for efficient SSB repair and enables recruitment of ARTD2 and XRCC1 to 
sites of damage [56, 89]. However, the dependency of the recruitment of BER factors 
on ARTD1 has been challenged. Alternative models suggest that ARTD1 stabilize 
SSB and repair intermediates, and is mainly important to extend the repair capacity of 
BER upon excessive DNA damage [90].  
DNA breaks can be triggered by topoisomerase IIβ upon activation by 
hormonal stimuli, and can serve as activator of ARTD1 on specific loci [91]. 
Intracellular Ca
2+
 positively regulates PARylation in cells treated with the reactive 
nitrogen species peroxynitrite, and has also been shown to regulate ARTD1 activity 
upon treatment of cells with the NQO1 co-substrate β-lapachone, through the activity 
of ROS-producing NQO1 [92, 93]. 
Although most studies have focused on the activation of ARTD1 by DNA 
breaks, many recent reports provide evidence for an additional type of regulation and 
alternative activation mechanisms of ARTD1 activity. 
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ARTD1 has been shown to be activated by DNA-dependent, but DNA break-
independent mechanisms. In vitro studies using chromatin and histones have shown 
that ARTD1 is more strongly activated by polynucleosomes than by sheared DNA 
[94]. ARTD1 incubated with chromatinized plasmids forms a compact chromatin 
structure in vitro, and upon the sole addition of NAD
+
, ARTD1 is activated, leading to 
a relaxed chromatin structure [94]. In line with this DNA break-independent, but 
DNA-dependent activation, ARTD1 binds to three- and four-way junctions, stably 
unpaired regions in double-stranded DNA and recognizes distortions in the DNA 
helical backbone (bent DNA), which all also cause an activation of ARTD1 [95].  
1.3.3 Regulation of ARTD1’s enzymatic activity by protein interactions and post-
translational modifications 
Induction of ARTD1 enzymatic activity has also been observed by protein–protein 
interactions as well as by posttranslational modifications of ARTD1. The nuclear 
NAD
+
-catalyzer NMNAT-1 has, apart from promoting ARTD1 activity by substrate 
supply, been described to stimulate PARylation by direct interaction of ARTD1 and 
PAR [96]. The interaction with MAPK has been described to activate ARTD1 as well. 
For example in cortical neurons stimulated with nerve growth factors, ARTD1 is 
activated by the interaction with ERK2 [97]. Another MAPK that has been shown to 
enhance PAR formation is JNK1. After 30 minutes of stimulation with H2O2, JNK has 
translocated from the cytoplasm to the nucleus, where it interacts with ARTD1, 
leading to an enhanced ARTD1 activity [98].  
The most commonly studied PTM of ARTD1, beside auto-ADP-ribosylation, 
is phosphorylation. A variety of kinases have been reported to phosphorylate and 
thereby modulate the activity of ARTD1, including ERK1/2, CKII, CDK5, JNK1, 
CaMKII and PKCα/β [75, 99-105]. The phosphorylation of ARTD1 by PKCα/β in 
vitro has been shown to reduce its DNA binding and enzymatic activity [104]. In line 
with this, activation of PKC in thymocytes by phorbol esters (PMA) suppresses 
MNNG-induced ARTD1 activation, while PKC inhibition leads to enhanced ARTD1 
activation [103]. CDK2 is activated upon progesterone exposure in certain breast 
cancer cells and phosphorylates ARTD1 in the catalytic cleft to enhance its enzymatic 
activity [102]. The MAPK signaling pathways have also been shown to regulate 
ARTD1 activity by phosphorylation. Several studies have revealed that inhibition of 
ERK1/2 reduces PAR formation [75, 99-101]. In neuronal differentiation, 
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phosphorylation of ARTD1 by CaMKIIδ occurs at the chromatin and leads to an 
activation of ARTD1 [106]. Although the cell types and stimuli differ between these 
studies, an overall conclusion is that the phosphorylation of ARTD1 by PKCs 
generally reduces ARTD1 activity, while phosphorylation mediated by CDK2, 
MAPK or CaMKIIδ generally enhance ARTD1 activity. 
In addition, acetylation has also been shown to affect the catalytic activity of 
ARTD1. For example, PCAF-dependent acetylation of ARTD1 upon physical stress 
of cardiomyocytes activates ARTD1 in a DNA-independent manner [42]. In line with 
this, the deacetylation of ARTD1 by SIRT1 reduces its activity, and Sirt1 KO cells 
show enhanced H2O2-induced PAR formation [42, 107]. Furthermore, a crosstalk 
between ADP-ribosylating enzymes has been described, where ARTD3 and SIRT6 
can stimulate ARTD1 activity [45, 108]. 
1.3.4 ARTD1 in transcription 
Most chromatin rearrangements induced by ARTD1 result in transcriptional changes. 
ARTD1 can affect transcription by its function as a cofactor for DNA sequence-
specific transcription factors [70, 97, 109-111]. Both co-activator and co-repressor 
functions have been described, some of which are dependent on PAR activity (e.g. 
Sp1, NFAT and Elk1), while others are not (e.g. NF-κB and B-Myc). Additionally, 
the interaction of ARTD1 with the mediator complex has been described upon 
stimulation with different stimuli, such as retinoic acid or lipopolysaccharide (LPS), 
which thereby enhances transcription of RAR or NF-κB target genes, respectively 
[112, 113]. Additionally, activation of transcription could be observed upon 
PARylation of the lysine deacetylase KDM5B, due to a consequent inhibition of 
H3K4me3 demethylation [35]. Taken together, the current data show that ARTD1 
protein and in some cases its enzymatic activity play an important role in the 
regulation of transcription.  
1.4 Chromatin 
Cellular DNA is wrapped around nucleosomes to be structurally packaged within the 
nucleus. The nucleosome forms the fundamental unit of chromatin, composed of the 
four core histones (H2A, H2B, H3, H4) in an octameric configuration, around which 
147 base pairs of DNA are wrapped [114, 115]. The chromatin creates a 10 nm fiber 
in a beads-on-a-string formation, and can be further compacted to a 40 nm fiber by 
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the binding of linker histone H1, a structure called solenoid. Linker histone H1 binds 
the nucleosomal core particle close to the DNA entry–exit point, where it protects the 
linker DNA between adjacent nucleosomes [114, 115]. The compaction of 
nucleosomes into higher-order chromatin structures is regulated by nucleosome 
occupancy, nuclear localization, replacement by histone variants, DNA methylation 
and histone PTMs (Figure 3) [115].  The chromatin can be divided in euchromatin 
and heterochromatin. Euchromatin is generally associated with an open chromatin 
structure and active gene transcription, while heterochromatin is a repressive 
chromatin environment with reduced transcriptional activity. Another silencing factor 
on these regions is the methylation of cytosine at CpG dinucleotides, which is highly 
stable and not easily reversible, as opposed to the histone modifications [115-117]. 
DNMT3A and DNMT3B are the main enzymes performing de novo DNA 
methylation, while DNMT1 is responsible for maintaining DNA methylation through 
cell division to maintain a repressive chromatin after replication [115-117]. 
In addition to compaction of the DNA, the nuclear localization and 
arrangement of chromatin plays also a role in the dynamic regulation of appropriate 
gene expression and activation of cellular pathways. Studies on the long distant 
interactions between enhancers and promoters, DNA-looping and insulation of 
topological associated domains, have highlighted the relevance of the chromatin 
localization within the nucleus [118].  
Figure 3. Various factors regulating chromatin structure [115] 
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1.4.1 Histone variants 
The incorporation of structurally distinct non-typical histone variants into the 
nucleosomes also regulates the chromatin structure. The incorporation of variant 
forms of H3 (e.g. H3.3) and H2A (e.g. H2A.Z) at specific loci can influence 
nucleosome positioning and gene transcription [119, 120]. The H2A variant H2A.X, 
when phosphorylated, marks double-stranded DNA damage, while macroH2A 
contains a macro-domain and is mainly associated with compact chromatin [119, 
121]. Linker histone H1 has 11 subtypes, which all mediate a different level of 
chromatin condensation, highlighting their role as highly diverse constituents of 
chromatin [122]. 
1.4.2 Histone modifications 
Histone PTMs mark the chromatin and participate in protein complex recruitment and 
chromatin organization during transcription, replication and DNA repair [123]. The 
N-terminal tail of the histones is the most accessible domain and is a target for 
alterations by multiple PTMs, including acetylation, methylation, SUMOylation, 
phosphorylation, ubiqutination, and ADP-ribosylation [26, 123].  
Histone acetylation is mainly present at euchromatic regions and is mediated 
by histone acetyltransferases such as CBP/p300, Tip60 and HAT1 [123]. Moreover, 
histone deacetylases (HDACs) and SIRTs reverse the modification and consequently 
cause a more compact chromatin [124].  
Histone methylation has distinct functions on chromatin depending on which 
residue is modified. H3K4me3, H3K36me3, and H3K79me3 are histone marks 
associated with euchromatin and can be mediated by MLL, SET2D or DOT1 [123]. 
The best studied writer of euchromatin-associated histone methylation is MLL1, 
responsible for H3K4me2/3 [125]. MLL1 is active in a core complex consisting of 
four proteins, which are essential for protein and chromatin interactions [125, 126]. 
H3K27me3, H3K9me3 and H4K20me3 are associated with heterochromatin, and are 
mediated by different methyltransferases depending on the targeted region [127]. 
H3K27me3 is found on the rather temporary silenced state, facultative 
heterochromatin, while H3K9me3 and H4K20me3 mark constitutive heterochromatin 
at pericentric and telomeric regions [128], Histone methylation can be removed by 
various lysine demethylases with different specificity for the different marks [129]. 
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The acetylation and phosphorylation of histone H1 generally seems to 
correlate with increased replication and cellular growth [130]. H1.4K34 acetylation is 
enriched at active genes, where it recruits general transcription factors, suggesting that 
H1 is a fine tuner of chromatin condensation, rather than solely a repressor [119, 130]. 
Histone marks can be recognized by readers specific for the different 
modifications. Proteins containing chromodomains or PHD-domains have been 
described to bind to methylated lysines, while bromodomains and tandem PHD-
domains bind to acetylated lysines [131]. For example, chromodomain-containing 
heterochromatin protein (HP) 1 binds to H3K9me3 to propagate the heterochromatic 
state [127], while chromatin remodeler CHD1 binds via its chromodomain to 
H3K4me3 to provide an accessible chromatin and facilitate transcription [131]. The 
PRC2 has been described to bind its own mark, H3K27me3, to sustain 
heterochromatin. Likewise, the PHD3 domain of MLL1 binds to its own mark, 
H3K4me3 [126, 128].  
Considering that lysines are the acceptor site of most modifications, and in 
certain cases even the same residue is target for several modifications, a functional 
crosstalk between different PTMs exists [26, 132, 133].  
ADP-ribosylation by ARTD1 of multiple sites on all core histones and the 
linker histone H1 has been described [26, 32, 134]. How these modifications 
influence chromatin by their negative charge, binding of macrodomain-containing 
protein ALC1 and macroH2A [48, 55, 60], or via crosstalk with other histone 
modifications, is an interesting issue that needs further investigation. 
1.4.3 ARTD1 in the chromatin context 
The function of ARTD1 on the chromatin is to modulate chromatin condensation, 
nucleosome positioning, DNA damage repair efficiency and other nuclear functions 
[60, 135, 136]. Whether ARTD1 acts as a repressor or activator depends on the 
surrounding proteins and the signal given. Thus, the main function of ARTD1 seems 
to be to arrange the chromatin environment in an optimal way for other chromatin-
associated proteins to perform their function.  
Chromatin decondensation by ARTD1 can be induced in vivo by various 
cellular stress and results in an increased transcription of stress-related genes [137-
139]. Upon inflammasome signaling, ARTD1 is cleaved at the chromatin by 
inflammasome-dependent caspases, leading to a locally decondensed chromatin and 
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activation of cytokine gene transcription [139]. In Drosophila, it has recently been 
shown that ARTD1 is activated by the acetylation of H2AK5 in combination with 
phosphorylation on H2AvS137 (homologous to the human H2AX and H2AZ) in 
response to heat shock, leading to eviction of nucleosomes and increased Hsp70 gene 
transcription [137, 138].  
The trigger and biological relevance for the specific ADP-ribosylation of 
histones is also being increasingly studied. In response to hormone stimulation, 
topoisomerase IIβ cleaves DNA at estrogen, androgen, retinoic acid and thyroid 
receptor binding sites, which in turn activates ARTD1 to PARylate itself and histone 
H1, leading to histone H1 displacement from the chromatin and a consequently more 
permissive environment and increased transcription [140].  
ARTD1 activity has been described to influence DNA methylation, although 
there are contradictory data on how ARTD1 affects DNMT1 activity. PARylated 
ARTD1 has been shown to interact with DNMT1 and repress its activity, promoting 
an unmethylated DNA [141, 142]. However, more recent work suggests that ARTD1 
regulates UHRF1 and DNMT1 to promote the re-establishment of silencing at 
heterochromatic regions after replication [143, 144]. 
The association of ARTD1 with CCCTC-binding factor (CTCF), a protein 
involved in gene insulation and chromatin barrier function [113, 145], induces 
PARylation of CTCF, which has been shown to be important for maintaining CTCF 
function [141, 146]. Hundreds of common chromatin-binding sites of CTCF and 
ARTD1 have been identified, speaking for a genome wide co-regulatory function 
between CTCF and ARTD1 [145, 147, 148]. 
1.5 HMGB1  
The high mobility group (HMG) proteins modulate chromatin structure by binding to 
the chromatin in a non-sequence specific manner [149]. The HMG proteins are 
subdivided into three distinct structural families: HMGA (HMG-AT-hook), HMGB 
(HMG-box), and HMGN (HMG-nucleosome binding) [150]. In humans and mice, the 
HMGB family consists of four isoforms; HMGB1-3, which share more than 80% 
sequence identity and mainly differ in the C-terminal last few amino acids, and 
HMGB4, which is slightly shorter and completely lacks the C-terminal tail [151]. 
HMGB1 is an abundant nuclear protein associated with the chromatin and its amino 
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acid sequence is conserved across mammals, with approximately 99% identity 
between different species [152, 153]. HMGB1 contains two AT-hook DNA-binding 
domains, commonly referred to as the A-box and B-box, which are structurally highly 
similar (Figure 4) [151]. These DNA-binding boxes are L-shaped and consist of three 
α-helices, out of which helix I and II together form the short arm, while helix III 
forms the longer arm [154, 155]. At the C-terminus, HMGB1 has an acidic tail, 
consisting exclusively of aspartic and glutamic acids, which is important for protein–
protein interactions [153].  
1.5.1 HMGB1 – A chromatin architectural protein 
HMGB1 has been described as a histone-like protein, but rather than stably binding to 
the DNA, it interacts with the DNA in a highly dynamic manner [156, 157]. No 
specific sequence is known which HMGB1 preferentially binds to, HMGB1 rather 
recognizes specific DNA structures, such as cisplatin adducts [158] and cruciformed, 
bent [159] or single-stranded DNA [160]. At the chromatin, HMGB1 binds to the 
linker DNA at the exit/entry point of the nucleosomes close to where the H3 tail 
stabilizes the nucleosomes by exiting between the two gyres of DNA, via the 
recruitment of H3 [161, 162]. HMGB1 has the ability to bend the DNA it binds to 
[163, 164]. HMGB1 has been shown to facilitate nucleosome sliding by binding to 
DNA proximate to the nucleosome and bend it, and nucleosome incorporation into the 
chromatin by reducing the rigidity of the DNA wrapped around the nucleosome [164-
166]. Moreover, HMGB1 seems to be important for the correct placement and 
spacing of nucleosomes, and cells lacking HMGB1 have fewer nucleosomes in the 
Figure 4. The structure of HMGB1, including most known sites of post-translational modifications. [151] 
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chromatin, potentially due to HMGB1’s function to facilitate nucleosome assembly 
[167]. Additionally, the reduced number of nucleosomes affects global transcription 
output and the relative expression of about 10% of all genes [167]. 
Moreover, histone H1 and HMGB1 interact via their C-terminal tails, resulting 
in the mutual replacement of H1 and HMGB1 at the chromatin [168], where these two 
proteins have rather opposite functional effects. While HMGB1 has been implicated 
in situations where the chromatin structure might need to be loosened, or in which the 
DNA is distorted, H1 binds more tightly and is required for the formation of a stable, 
well-ordered chromatin structure [169]. 
1.5.2 Function of HMGB1 
HMGB1 has been linked to DNA damage repair due to the fact that it preferentially 
binds to damaged DNA [170, 171]. The high affinity binding of HMGB1 to cisplatin-
DNA adducts causes a delay in the repair of these lesions [171]. Interaction with the 
nucleotide excision repair (NER) proteins RPA [170], XPC and XPA [172] has been 
demonstrated. The function of HMGB1 in NER, and whether it enhances or reduces 
repair activity is still under debate [153]. HMGB1 has been shown to positively 
regulate base excision repair (BER) by enhancing the activity of APE1 and FEN1, 
and HMGB1 has been shown to interact with the BER factors APE1, Polβ and FEN1 
[173].  
HMGB1 also interacts with and regulates transcription factors in different cell 
types upon stimulation with various stimuli [174-178]. In the breast cancer cell line 
MCF-7, HMGB1 interacts with retinoblastoma (RB), where HMGB1 enhances the 
ability of RB to repress transcription of E2F and cyclin A, leading to cell growth 
inhibition [174]. HMGB1 facilitates p53 recruitment to the DNA [175, 176], where 
the levels of p53/HMGB1 complexes at the DNA regulate the balance between 
autophagy and apoptosis in cells [177]. The interaction between HMGB1 and the NF-
κB subunit p50 has been described to enhance the binding of p50/p50 and p50/p65 
dimers to their target sites on DNA and increase TNFα-induced VCAM expression 
[178]. These studies therefore describe that HMGB1 modulates different cellular 
stress responses, such as DNA damage, proliferation and inflammation. 
1.5.3 Post-translational modifications of HMGB1 
HMGB1 has been shown to be a target of phosphorylation, acetylation, methylation 
and ADP-ribosylation [36, 179-188] (Figure 4).  
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Several reports have shown that PKC phosphorylates HMGB1 [189-191], and 
PKC and HMGB1 have been shown to interact with each other in monocytes 
stimulated with LPS [189]. The phosphorylation by PKC has been described to 
enhance the DNA-bending ability of HMGB1, as well as increase its binding to cis-
platinated DNA [190]. Additionally, TNFα-induced phosphorylation of HMGB1 in 
monocytes targets several amino acids in the NLS, which results in the exclusion of 
HMGB1 from the nucleus, finally leading to its secretion [180]. Ca
2+
 chelation 
inhibits activation of the Ca
2+
-dependent kinases PKCα and CamKIV, thus preventing 
phosphorylation of HMGB1 and its subsequent nuclear release [189, 192, 193].  
Similarily, acetylation has been described to affect both the DNA-binding 
specificity and the release of HMGB1 [181, 182, 194-197]. The constitutive 
monoacetylation of HMGB1 at K2 increases the affinity of the protein to distorted 
and negatively supercoiled DNA [181, 194]. This leads to enhanced binding of 
HMGB1 to nucleosomes containing linker DNA and thus facilitates nucleosome 
sliding [195]. The most prominent targets for post-translational modification on 
HMGB1 are the two NLSs [151, 180, 182]. In LPS-stimulated monocytes, NLS1 and 
2 have been shown to be heavily acetylated, which leads to nuclear to cytoplasmic 
translocation, thus, the hyperacetylation of HMGB1 is required for its active nuclear 
release during inflammation [182, 196, 197].  
The methylation of HMGB1 is thought to cause its release, as in neutrophils 
and clear cell renal cell carcinoma, the cytoplasmic HMGB1 was found to be 
constitutively mono-methylated [183, 184]. However, further investigations are 
required to elucidate the functional role of HMGB1 methylation.  
HMGB1 was also described to be ADP-ribosylated over 30 years ago [185, 
186]. Several publications have described how ADP-ribosylation is important for the 
release of HMGB1 from the nucleus upon DNA damage or inflammatory stimuli, 
inhibiting efferocytosis and increasing autophagy [36, 187, 188]. However, the site of 
modification, as well as the effect of ADP-ribosylation on the DNA-binding activity 
of HMGB1, has not been identified so far.  
Taken together, these observations show that a low degree of phosphorylation 
or acetylation of HMGB1 results in an enhancement of its DNA-bending ability, 
while extensive modification of HMGB1 by phosphorylation, acetylation or ADP-
ribosylation, leads to its release.  
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1.6 ARTD1 and HMGB1 in inflammation 
Inflammation is a protective response of the body to tissue irritation, injury or 
infection, which is characterized by pain, swelling, heat, redness, and/or loss of 
function [198]. The purpose of inflammation is to eliminate the initial cause of cell 
injury, clear out necrotic cells and tissues damaged from the original insult and the 
inflammatory process itself, and to initiate tissue repair [199]. While an insufficient 
host response leads to unresolved tissue damage and infection, the over-activation of 
the inflammatory response can also lead to tissue damage and ultimately to septic 
shock, which both compromise the survival of the organism [198]. Thus, the system 
needs to be tightly regulated at many different levels to keep the inflammatory 
response in check. 
1.6.1 Transcriptional regulation by NF-κB  
The transcription factor nuclear factor-κB (NF-κB) has been extensively studied for 
its role in inflammation, immunity and cell proliferation [200]. The NF-κB/Rel family 
of transcription factors consists of p50, p52, p65 (RelA), c-Rel and RelB, which in the 
absence of stimuli reside as dimers in the cytoplasm [201]. The IκB-proteins bind NF-
κB dimers in the cytoplasm, and phosphorylation of IκB by IκB kinases (IKKs) and 
subsequent ubiquitination and degradation are required for the induction of NF-κB 
and dimer translocation to the nucleus (Figure 5) [201, 202]. The most studied and 
best described pathways of NF-κB activation and nuclear translocation are those 
induced by cytokines, TLRs, TNFRs or virus-stimulation (canonical), or CD40L, 
BAFF, LTβR or TNFR (non-canonical) signaling [203]. The canonical pathway 
preferentially induces nuclear translocation of p50/p65 heterodimer and 
transcriptional regulation by binding to κB-sites at promoters and enhancers of genes 
that code for cytokines, chemokines and adhesion molecules [204]. The non-
canonical pathway leads to the activation and nuclear translocation of p52/RelB 
dimers, and subsequent transcriptional regulation of genes mainly involved in 
adaptive immunity and autoimmunity [205, 206].  
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To control the specificity of the signaling and consequent expression of NF-
κB-target genes, several chromatin-associated proteins are involved in NF-κB 
regulation. The regulations and interactions of NF-κB at the chromatin level are 
important to control the final inflammatory response induced by the various cellular 
stimuli. The post-translational modifications of NF-κB are crucial for NF-κB-
mediated transcription, by their influence on stability, DNA-binding, and interaction 
with transcriptional co-factors [204]. Association with other inflammatory-activated 
transcription factors and enhancers has been shown to be important for NF-κB-
binding to its target sites [207]. Moreover, the transcription of canonical p65 target 
genes, such as IL-6, IL-1, TNF-α, ICAM, VCAM, and IP-10, has been shown to rely 
on cofactors such as CBP/p300, PRMT, HDACs and CDK6, as well as nucleosome 
remodelers (e.g. SWI/SNF), to increase the accessibility of p65 to κB-binding sites 
[113, 207-210]. 
1.6.2 NF-κB and ARTD1 
One of the most striking phenotypes of the ARTD1 KO mice is their resistance to 
LPS-induced septic shock and lethality [211]. NF-κB transcriptional activation is 
impaired in ARTD1 KO mice, and consequently the in vivo release of inflammatory 
mediators is reduced upon LPS stimulation, as compared to wt mice [211, 212]. LPS-
induced expression of inflammatory response genes such as TNF-α, IL-6, IFN-γ, MIP-
2, ICAM and iNOS has been observed to be considerably lower in cells lacking 
Figure 5. The canonical and non-canonical signaling pathways of NF-κB. [202] 
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ARTD1 [70]. Some studies have suggested a role of ADP-ribosylation in NF-κB 
dependent transcription, while studies from our group show that the interaction 
between NF-κB subunits p50/p65 and ARTD1 trigger enhanced NF-κB-dependent 
transcription upon LPS, independent of the enzymatic activity and DNA-binding of 
ARTD1 [213, 214]. Furthermore, histone methyltransferase PRMT1 and 
acetyltransferase p300/CBP both interact with ARTD1 and p65 to synergistically 
influence p65-dependent transcription [208]. The acetylation of ARTD1 by p300/CBP 
is required for its coactivator function with NF-κB and p300 and the association with 
the mediator complex, resulting in increased expression of inflammatory genes [113]. 
Not only does p300/CBP regulate ARTD1 coactivator function, ARTD1 has also been 
shown to up-regulate the levels of these acetyltransferases upon LPS stimulation in 
macrophages [187]. Moreover, ARTD1-dependent down-regulation of HDACs 1 and 
4 can be observed upon LPS-stimulation, adding another layer by which ARTD1 
regulates transcription upon inflammatory signaling.  
PARPi treatment has been shown to have a protective effect against 
inflammatory diseases, suggesting that ARTD activity has an important role in tissue 
inflammation [72]. During inflammation, the levels of ROS rise and ARTD1 is highly 
activated, which leads to depletion of intracellular NAD
+
 and ATP levels, resulting in 
necrotic cell death, tissue damage and sustained inflammation [70, 199]. Changes in 
NAD
+
 levels due to high ARTD1 activity also inhibit SIRT1 activity, by virtue of the 
lack of available substrate. The acetylation of p65 partially regulates its activity, and 
can be reversed by SIRT1-mediated deacetylation [215]. Consequently, PARPi 
treatment maintains p65 in a deacetylated state and thereby reduces p65-mediated 
gene transcription [215]. Recent studies have proposed that ARTD1 activity 
influences inflammatory signaling by promoting the release of the inflammatory 
mediator HMGB1 [187, 188]. Thus, ARTD1, in addition to its function as co-
activator of NF-κB, enhances inflammation by necrosis-induced tissue damage, which 
could potentially also be attenuated by PARPi treatment. 
1.6.3 HMGB1 in inflammation 
HMGB1 can be actively secreted during inflammation, or be passively released from 
cells upon necrosis [216]. Upon injection of a lethal dose of LPS in mice, high levels 
of HMGB1 have been detected in the serum after 8 hours, and were sustained up to 32 
hours [217]. Treatment of mice with an anti-HMGB1 antibody has been shown to 
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drastically increase the survival rate of LPS-challenged mice [217]. Furthermore, the 
administration of recombinant HMGB1 to mice causes septic shock [217], and 
increased serum levels of HMGB1 have been detected in human patients of numerous 
diseases, such as hepatic ischemia/reperfusion, cerebral ischemia, myocardial 
ischemia, arthritis and septic shock [217-221]. 
Released HMGB1 mediates inflammation by acting as a cytokine or 
chemokine [216]. A range of receptors have been described to interact with HMGB1, 
including the receptor for advanced glycation end products (RAGE), TLR4, TLR2, 
TLR9, syndecan-3, certain integrins and CXCR4 [222, 223]. The specificity by which 
receptor HMGB1 signals through during inflammation is governed by formation of 
complexes with other soluble inflammatory molecules to achieve a synergistic 
enhancement of the danger response [224]. The canonical receptors of the molecules 
it complexes with dictate which pathways and cell types will be activated [222]. 
Recent findings show a highly important redox-mediated regulation of HMGB1, 
where its redox-state leads to different inflammatory responses [225]. When passively 
released, HMGB1 is mainly in a reduced state, making it a chemoattractant due to 
CXCL12 complex formation, and resultant signaling through CXCR4 [224]. The 
mildly oxidized form of HMGB1 makes it a cytokine, thus stimulating TNF-α release 
from macrophages via TLR4-signaling, while complete oxidation renders HMGB1 
inactive [225]. Thus, the redox-state of HMGB1, determined by the 




2 Aim of the thesis 
ADP-ribosylation in general and ARTD1 specifically have been implicated in various 
diseases and are involved in multiple biological processes, such as differentiation, 
inflammatory signaling, metabolism and genomic maintenance. ARTD1 and its 
activity have been shown to regulate gene transcription and DNA repair by 
rearranging chromatin, resulting in a permissive environment. The chromatin 
architectural protein HMGB1, which has been shown to associate with ARTD1, bends 
DNA and facilitates the sliding of nucleosomes, increasing access of transcription 
factors or DNA repair machinery to the DNA. The overlapping cellular functions and 
regulatory roles of ARTD1 and HMGB1 suggest that these two proteins may co-
regulate nuclear processes which need chromatin rearrangements.  
We thus hypothesized that HMGB1 regulates the function of ARTD1 under 
stress. The aim of this thesis was to focus on; i) investigating the role of ARTD1 and 
HMGB1, separately and together, in NF-κB-mediated transcription in the context of 
chromatin regulation, ii) and to study the regulation of ARTD1-induced PAR 
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Harmful oxidation of proteins, lipids, and nucleic acids is observed when reactive 
oxygen species (ROS) are produced excessively and/or the antioxidant capacity is 
depleted, causing ‘oxidative stress’.  Nuclear poly-ADP-ribose (PAR) formation is 
thought to be induced in response to oxidative DNA damage and to promote cell 
death under sustained stress conditions. However, what exactly triggers PAR 
induction in response to oxidative stress is incompletely understood. Using reverse 
phase protein array (RPPA) and in-depth analysis of key oxidative stress signaling 
components, we observed that calcium signaling leads to DNA lesions and was 
responsible for H2O2-dependent PAR formation by ARTD1. However, these DNA 
lesions were not sufficient for inducing PAR formation, but required the activation of 
PKCα, as well as the phosphorylation-dependent eviction of HMGB1 from chromatin. 
Consistently, the lack of PAR formation in the absence of PKCα was recovered by 
simultaneous knockdown of HMGB1. Together, these results identify PKCα as an 
important regulator of the chromatin modulation involved in oxidative stress-induced 
PAR formation, a finding that may have important medical relevance for oxidative 
stress-associated pathophysiological conditions.  
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INTRODUCTION 
Reactive oxygen species (ROS) are a group of chemical species that consist of at least 
one oxygen atom, but display stronger reactivity than molecular oxygen. ROS can 
typically arise from exogenous sources such as UVA or  γ-irradiation, drugs, heavy 
metals (1-3), or from endogenous sources e.g. oxidative metabolism, apoptosis, 
bystander cells or enzymatic activity (4-7). When ROS are produced excessively or 
antioxidant capacity is depleted, indiscriminate oxidation of proteins, lipids, and 
nucleic acid elicits harmful effects, known as ‘oxidative stress’. ROS as well as the 
more stable and less reactive by-product of ROS production, hydrogen peroxide 
(H2O2), are more than toxic products of respiratory burst, they are also effectors for a 
plethora of signaling pathways inducing innate and adaptive immune cell recruitment, 
proliferation, tissue healing, cell survival or apoptosis (8-11).   
ADP-ribosylation is a post-translational protein modification that consists of 
mono- and poly-ADP-ribose (PAR) molecules covalently linked to specific residues 
of target proteins (12).  The linear or branched PAR polymer consists of 200-400 
ADP-ribose moieties linked by O-glycosidic 1’-2’ ribose-ribose bonds.  These 
modifications are synthesized by a subfamily of ADP-ribosyltransferases (ARTs), 
which use NAD
+
 as a substrate and belong to the ADP-ribosyltransferase diphtheria 
toxin-like (ARTD, originally PARP) family.  In mammals, the ARTD family is 
comprised of 18 members, which contain a catalytic ART domain conferring 
enzymatic activity (13).  
The best-characterized ARTD family member is ARTD1 (originally PARP1), 
a 116 kDa nuclear enzyme consisting of an N-terminal DNA-binding domain (DBD), 
a central automodification domain (AMD), and a C-terminal catalytic domain (CAT) 
(14).  ARTD1 modifies itself in cis at the automodification domain (15) and other 
target proteins such as histones, transcription factors and DNA-repair proteins in 
trans, which points at an important function of ADP-ribosylation in epigenetics, 
transcriptional regulation and repair (16).  Indeed, ADP-ribosylation is implicated in 
the regulation of a plethora of cellular processes, biological phenomena and medical 
conditions (14,16,17).  ARTD1 has recently been termed a “cellular rheostat”, 
because it integrates different types and levels of stress signals (14).  In response to 
mild or moderate stresses, it regulates transcription and DNA repair, while upon 
severe and sustained stress conditions, hyper-activation of ARTD1 leads to apoptosis 
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or necrosis (18,19).  Interestingly, a series of studies has shown that ARTD1 is 
automodified in the presence of specific DNA structures such as cruciform hairpins 
(20).  In line with these results, nucleosomes (intact DNA wrapped around core 
histones) are sufficient and even more strongly induce ARTD1 than damaged DNA 
does (21).  Moreover, ARTD1 activity can also be stimulated by polyamines 
(spermine) or core histones (H1 and H3), or in combination, indicating that DNA-
independent mechanisms can activate ARTD1 in vitro (22). The phosphorylation of 
H2Av
Ser137
 can also stimulate ARTD1 activity, and the acetylation of H2A
Lys5
 further 
enhances the ARTD1 activity (23).  The fact that nucleosomes, single histones as well 
as modified histones can stimulate PAR formation, suggests that chromatin is 
involved in the activation of ARTD1. However, by which mechanism chromatin 
activates PAR formation in vivo has not been elucidated.  
Cellular signaling pathways have the potential to directly regulate ARTD1 
activity independently of DNA damage by post-translational modification.  Positive 
and direct regulation of ARTD1 activity has been described for the extracellular 
signal-regulated kinase (ERK) (24-26) as well as for c-Jun N-terminal kinase (JNK) 
(27), while opposing roles for the involvement of protein kinase C (PKC) signaling in 
the regulation of ARTD1 have been reported (28-31).  The activation of ARTD1 
independent of DNA lesions adds an additional layer to the traditional view that 
considers ARTD1 as part of the DNA damage response, which is induced upon 
genotoxic or oxidative stress.  Upon oxidative stress, ROS are believed to induce 
oxidative DNA damage and cause DNA strand breaks in the nucleus, which then 
strongly stimulates the enzymatic activity of ARTD1 and induces the formation of 
PAR (12).  However, it has not been determined until now whether ARTD1 is 
activated by DNA damage in vivo or if the stimulation of ADP-ribosylation in 
response to oxidative stress is the result of signaling events that are not directly linked 
to DNA damage. 
In this work, we deliberately interrupted the cellular signaling pathways 
induced early upon stimulation of oxidative stress by H2O2 to elucidate the molecular 
mechanisms involved in PAR formation.  Using a systematic reverse phase protein 
array (RPPA) approach and in-depth molecular analysis of the key signaling 
components, we identified activation of the PLC/IP3R/calcium signaling axis as a key 
regulator of PAR formation.  While calcium-dependent signaling induced DNA 
lesions, which alone were not able to activate ARTD1, calcium-dependent signaling 
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mediated by PKCα did not induce DNA lesions, but was nevertheless required to 
stimulate PAR formation.  Our results show that PKCα activation and the consecutive 
phosphorylation of HMGB1, which leads to its chromatin eviction, is a major so far 




MATERIAL and METHODS 
Cell culture, siRNA transfection, lysis and proliferation assay 
MRC-5 and IMR-90 human lung fibroblasts (32,33) were obtained from the 
American Type Culture Collection (ATCC) and cultured in supplemented MEM 
(Invitrogen).  NIH/3T3 were obtained from American Type Culture Collection 
(ATCC) and cultured in supplemented DMEM (Invitrogen). MEFs were cultivated in 
supplemented DMEM.  Cells were preincubated with inhibitors or activators (stocks 
dissolved in DMSO) for 1 h prior to H2O2 treatment in FCS-free media, which was 
also used as a vehicle for H2O2.  All inhibitors were obtained from Enzo Life 
Sciences, except from Olaparib (AstraZeneca), PD98059 (Santa Cruz), IKK VII and 
KN-93 and PMA (Merck Millipore) and used at a final concentration as indicated in 
the figures or figure legends.  To reduce isoform specific ARTD1, PKCα/δ, PKC pan 




 MRC-5 cells or 2.5x10
4
 MEFs were 
transfected using mouse siARTD1 (QIAGEN, SI02731428), siPKCα (QIAGEN, 
SI01388583), siPKCδ (QIAGEN, SI01388744), siHMGB1 (Microsynth) or siMock 
(QIAGEN, scrambled sequence), or human siARTD1 (Microsynth), siPKC pan 
(Santa Cruz Biotechnology, sc-29449), siHMGB1 (QIAGEN, SI03650374), lacking 
significant homology to any known human or mouse gene sequence) with 
Lipofectamine RNAiMAX transfection reagent (Invitrogen) according to manual’s 
instructions over 3-4 days, prior to H2O2 treatment.  Whole cell extracts were 
prepared with standard RIPA lysis buffer (50 mM Tris/pH8, 400mM NaCl, 0.5% NP-
40, 1% DOC, 0.1% SDS supplemented with proteinase inhibitor cocktail (Roche), 10 
mM β-glycerolphosphate, 1mM NaF and DTT) and total protein concentration 
determined using standard Lowry method.  Cytoplasmic/chromatin fraction was 
prepared as described in (34). Cell viability was determined by the MTT assay 
(Sigma). 
 
Reverse phase protein arrays (RPPA) 
RPPA were prepared as described (35,36).  In brief, whole cell extracts were spotted 
onto hydrophobically coated Zeptosens Chips (Bayer Technology Services GmbH).  
Serially diluted lysates (100, 75, 50 and 25%) were arrayed in duplicates onto 
hydrophobic Zeptosens Chips using the Nanoplotter NP2.0 (GeSiM), followed by 
blocking in an ultrasonic nebulizer (ZeptoFOG, Bayer Technology Services GmbH).  
Antibody incubation (Invitrogen), microarray data acquisition (ZeptoREADER, Bayer 
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Technology Services GmbH) and data analysis (ZeptoVIEW version 3.1.0.2, Bayer 
Technology Services GmbH) was performed exactly as described (37).  The eight 
data points (100, 75, 50, 25% lysate amount in duplicates) were fitted using a 
weighted linear least squares fit (38) and the relative fluorescence intensity 
determined by interpolating at the median protein concentration or modification.  To 
correct for small variations in protein content, relative intensities were normalized to 
the signals of β-Catenin, which did not show any significant variation (ANOVA, p < 
0.05) in response to H2O2 over 10-60 min. 
 
Significance and clustering analysis 
To identify significant proteome changes in response to H2O2, relative fluorescence 
intensities were imported to MeV version 4.6 (39).  Relative fluorescence intensities 
were log2 transformed and normalized, before performing statistical analysis using 
One-way ANOVA as described in (40).  The mean transformed fluorescence 
intensities for group 1 (biological duplicates of untreated_10 min), group 2 (biological 
duplicates of 0.5 mM_10 min), group 3 (biological duplicates of 0.5 mM_60 min) 
were compared using F-statistics with p < 0.05. For fold-change analysis, transformed 
means of the biological replicates were normalized to the untreated sample (set as 1) 
and proteome changes were filtered (cut off set at 1x SD equal to log2 > 0.77 / < -0.77 
for 0.5 mM).  Significant proteome changes in response to H2O2 were selected for 
clustering analysis (Fig. S2a) if significant by one-way ANOVA (p < 0.05).  To 
correct for potential false negatives or positives, significance analysis was performed 
using fold change cut off with thresholds described above or performing a quality 
control analysis by visualization (V.C.) for clustering analysis as shown Fig. S2c.  
Similar profiles of the fold changes over time were identified by clustering analysis 
using the k-means clustering algorithm and default parameters of MeV version 4.6 
(39).  K-means based clustering analysis in Fig. 1f comprises significant proteome 
changes, identified by ANOVA (n=2, p<0.05), Fold change cut off (1 S.D.) and/or 
visual control (V.C.) and thus might slightly differ from the results obtained by k-
means clustering using only ANOVA (n=2, p<0.05) in Fig. S2a.  
 
Pathway and network analysis 
Gene pathway membership data was obtained from protein interaction database, PID 
(41) and KEGG (42).  A total of 200 and 211 pathways were obtained from PID and 
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KEGG, respectively.  For statistical analysis all analyzed proteins in this study 
(unique IDs) were set as the background list and all pathways consisting of more than 
5 proteins from the background list were considered for statistical analysis by Fisher’s 
exact test, resulting in a total of 93 pathways from PID and 63 from KEGG.  Fisher’s 
exact test was performed to identify pathways significantly affected by proteins 
(modifications) altered in response to H2O2 (significant by ANOVA and fold-change) 
using the R statistical framework (43).  To account for multiple testing, p values were 
corrected for false discovery rates (FDRs) using Benjamini-Hochberg correction.  We 
have used an FDR corrected p value cut off of 0.1 to identify pathways significantly 
affected by proteome changes. 
Significant proteome changes, identified by statistical (ANOVA) and fold-change 
analysis (log2 cut off) were subjected to protein-protein interaction analysis using 
STRING (v 9.0) (44).  Only interactions with a STRING score of at least 0.7 were 
further analyzed using Cytoscape (http://www.cytoscape.org/) (45).   
 
Immunoblotting 
For Western Blot analysis, proteins were separated by SDS PAGE gel electrophoresis 
and bands were visualized by either using horseradish peroxidase-conjugated 
antibodies (1:5000, GE Healthcare) and ECL detection (GE Healthcare) or by using 
IR-Dye-conjugated antibodies (1:15000, LI-COR) and detection by the Odyssey 
infrared imaging system (LI-COR).  For quantification, bands were analyzed by 
ImageJ 1.46 (35) and the Odyssey imaging software (LI-COR).   
Antibodies used for Western blotting were anti-ARTD1 (Santa Cruz), anti-CREB 
Phospho (pS133)/ATF-1 Phospho (CST), anti-JNK1/2 (CST), anti-JNK1/2 Phospho 
(CST), anti-PAR (10H, homemade), anti-PKCα (CST), antiPKC-δ (CST), anti-
Tubulin (1:10’000, Sigma), anti-HMGB1 (1:5000 abcam), anti-H3 (1:5000 abcam). If 
not else stated, antibody dilution was 1:1000. 
 
Immunofluorescence (IF) microscopy  
For PAR IF analysis 1.5x10
5
 NIH/3T3 or 2.5x10
4
 MEF, MRC-5, or IMR-90 cells 
were grown on cover slips overnight prior to inhibitor/activator preincubation and 
H2O2 treatment.  Afterwards cells were washed with PBS (1x), fixed with ice-cold 
methanol and acetic acid (3:1) for 10 min at 4°C, washed with PBS (3x), blocked in 
5% milk/0.05% Tween-20 in PBS for 30 min and stained immunohistochemically 
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with primary mouse anti-poly(ADP-ribose) IgG, 1:250 (10H, homemade).  Next, cells 
were washed with PBS (3x) before hybridization with a secondary antibody (1:250 
Cy3 conjugated anti-mouse IgG, Jackson ImmunoResearch or 1:250 Alexa Fluor 488 
ocnjugated anti-rabbit IgG, Invitrogen).  Eventually, cells were mounted on glass 
slides using DAPI-containing VECTASHIELD (Vector Labs) and images acquired 
using an inverted fluorescence microscope at 40x, oil immersion (Leica).  
Fluorescence intensity or foci number were quantified using ImageJ (v. 1.46r) or 
Imaris (v. 7.6.0, Bitplane) and equal set-up between the images and experiments.  
 
Image-based cell cycle staging 
For quantitative image-based cell cycle staging, automated wide-field microscopy 
was performed on a Leica DMI 6000 inverted microscope equipped with a motorized 
stage, a Tri-band bandpass filter (DAPI/FITC/TX; BP387/11/BP 494/20/BP 575/20) 
and a 12-bit monochrome EMCCD camera (Leica DFC 350 FX, 1392x1040 pixels, 
6.4μm pixel size). All images were acquired under non-saturating conditions and 
unbiased, automated image acquisition was performed using the Leica Matrix 
Screening Software. Images were imported to the Olympus ScanR Image Analysis 
Software Version 2.5.1, a dynamic background correction was applied, and nuclei 
segmentation was performed using an integrated intensity-based module. Pulsed 5-
ethynyl-2'-desoxyuridine (EdU) incorporation, PAR levels, and DAPI intensities were 
measured. G1 cells were identified based on their low EdU and low DAPI content, S 
phase cells based on their high EdU content, and G2 cells based on their low EdU and 
high DAPI content. 
 
In vitro kinase and ARTD1 automodification assay 
For PKCδ kinase assay, experiment was performed using 0.2 µl recombinant PKC 
catalytic subunit of the PKCδ isoform from rat brain (Sigma, P1609) and 1 µg 
ARTD1 fl. or ARTD1 fr. in PKCδ kinase buffer (120 mM Tris/pH 7.5, 40 mM 
MgCl2, 2 mM CaCl2, 2 mM DTT) and 20 nM ATP (Sigma) spiked with 0.74 MBq 
gamma-labeled ATP (20 nM) and reaction time as indicated in the figure or figure 
legend.  For PKCα kinase assay 100 ng recombinant PKCα (Enzo, BML-SE494-
0005) were incubated in PKCα kinase buffer (25 mM MOPS/pH 7.2, 12.5 mM β-
glycerophosphate, 25 mM MgCl2, 5 mM EGTA, 2 mM EDTA and 0.25 mM DTT) 
with 100 µM ATP (Sigma) spiked with 0.74 MBq gamma-labeled ATP (20 nM) / 
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reaction and 1 µg recombinant ARTD1 fl., ARTD1 deletion fragments (ARTD1 fr.), 
HMGB1 or histone-mix (Roche) for 15 min.  For ARTD1 automodification assay, the 
kinase assay reaction was supplemented with PARP reaction buffer (50 mM Tris-
HCl/pH 8, 4 mM MgCl2, 250 µM DTT, 1 µg pepstatin/bestatin/leupeptin), 100 µM or 
100 nM NAD (Sigma) spiked with 100 nM gamma-labeled NAD and in some cases 




H2O2 rapidly induces nuclear PAR and in a cell cycle-independent manner 
To study the signaling mechanisms by which oxidative stress induces PAR formation 
and to obtain kinetic and dose response information on this process, MRC-5 primary 
human fibroblasts were treated for different periods of times (10 to 60 min) with 
increasing concentrations of H2O2 (0.1 to 2 mM), and PAR formation was analyzed 
by immunofluorescence (Fig. 1a, S1a) or Western blotting (Fig. 1b).  These 
experiments revealed that H2O2 transiently induced strong nuclear PAR formation 
already at 10 min after treatment, with levels returning to baseline after 60 min, and 
that maximum PAR formation was observed already at 0.5 mM H2O2.  Nuclear PAR 
formation was prevented when cells were preincubated with either the ARTD 
inhibitor ABT-888, olaparib, or PJ-34, indicating that it was formed by intracellular 
ARTDs (Fig. 1b, S1b).  PAR formation coincided with activation of ARTD1, as 
shown by the automodification of ARTD1 in nuclei isolated from mouse embryonic 
fibroblasts (MEFs) treated with H2O2 for 10 min and incubated with radioactively 
labeled NAD
+
 (Fig. S1c). Moreover, knockdown of ARTD1 by siRNA confirmed that 
H2O2-induced PAR formation was predominantly mediated by ARTD1 (Fig. 1c).  
H2O2-induced nuclear PAR formation occurred during all cell cycle stages (Fig. 1d, 
S1d), indicating that PAR formation was not a result of potential H2O2-induced 
changes in the cell cycle, but due to direct cell cycle-independent signaling.  To 
investigate the early H2O2-induced signaling events under sub-lethal, mild oxidative 
stress conditions, cell viability was assessed 24 h after treatment of cells with 
different concentrations of H2O2 (Fig. S1e).  While cells treated with 0.5 mM H2O2 
were still viable 24 h later (a dose at which PAR formation was already maximal), 
cell viability was markedly reduced when cells had been treated with 2 mM H2O2 
(Fig. S1e). Interestingly, H2O2-induced PAR formation did not coincide with 53BP1 
foci formation or  γH2A.X staining, which was observed only after 60 min (Fig. S1f), 
suggesting that during the first 10 min no double strand breaks were generated.  
 
H2O2 treatment induces dynamic proteomic changes 
To investigate the early H2O2-induced signaling events that potentially regulate PAR 
formation, a proteomics screen using reverse phase protein arrays (RPPA) focusing 
on intracellular signaling cascades (i.e. kinases and their substrates) was performed on 
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MRC-5 cells treated with a sublethal concentration of H2O2 (i.e. 0.5 mM) for either 10 
or 60 min, respectively (Fig. 1e-f, S2a, b).  The two different time-points were chosen 
because strong PAR formation is observed at 10 min, while PAR is no longer 
detectable at 60 min after H2O2 treatment (Fig. 1a).  Significant changes in protein 
level or in posttranslational modification in the RPPA analysis were determined by 
statistical analysis using ANOVA (p<0.05, n=2). Untreated samples were used as a 
control group (Fig. 1f, S2a-d).  The significant changes were clustered based on their 
temporal changes upon H2O2 treatment using k-means clustering algorithm (Fig. S2a-
d).  The majority of significant signal reductions concerned total protein levels, while 
increases in response to H2O2 treatment were often observed for phosphorylation 
events (Fig. S2d).  Interestingly, early activation clusters 1-3 comprised kinases 
exclusively found in the cytoplasm and known to be activated directly by either stress 
stimuli (p-p38, p-JNK) or growth factor signaling (ErbB-2, p-Akt).  Calcium signal 
transducers were also found among the early-induced proteome changes (p-PLCγ, p-
PKC, p-CaMKII, p-CREB, p-PLA2) (Fig. 1f, 1g, S2d).  The majority of late activated 
signaling events (cluster 4) included DNA damage response and cell cycle players 
such as p-aurora A, p-Chk1, p-cyclin D, p-p53, p-p27 and γH2AX (Fig. 1g).  
Downregulated proteins or phosphorylation (cluster 5) contained many factors 
involved in cell death. However, the main hubs (Akt, p38, ERK2) in the protein-
protein interaction network were rather cytoplasmic signaling components (except for 
p53) mostly induced at the early time point, indicating cytoplasmic signaling events 
as the initial signaling events upon oxidative stress (Fig. 1h).  In summary, our 
systematic RPPA analyses of the early H2O2-induced proteome changes have 
identified several cytoplasmic kinases and signaling components, which may 
potentially be involved in PAR formation.   
 
Sublethal H2O2 treatment induces several cellular signaling pathways, which 
however do not regulate PAR formation 
Some of the observed proteomic changes strongly correlated in their kinetics with 
PAR formation, pointing at possible candidates for regulating PAR formation.  To 
further validate the H2O2-induced early signaling proteomic changes potentially 
responsible for PAR formation, a screen with small molecule inhibitors for a sub-set 
of the identified early-activated cytoplasmic kinases was performed.  Both human 
IMR-90 and mouse NIH/3T3 fibroblasts were treated with inhibitors against either 
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ARTDs (olaparib, as control, ARTDi), IKK (IKK VII, IKKi), AMPK (dorsomorphin, 
AMPKi), p38 (SB203580, p38i), JNK (SP600125, JNKi) or MEK (PD985059, 
MEKi), and PAR formation assessed by IF analysis or western blotting using the 10H 
anti-PAR antibody (Fig. 2a).  Even though the kinetics of the H2O2-mediated 
activation of AMPK, p38 and IKK (IκBα phosphorylation) correlated with the 
enhanced PAR formation, their inhibition did not, or only weakly affect PAR levels 
(Fig. 2a, S3a), suggesting that these pathways do not regulate PAR formation.  While 
inhibition of JNK with SP600125 significantly reduced PAR formation (Fig. 2a, S3b), 
we could not confirm this observation with JNK1/2 KO MEFs or siRNA experiments, 
indicating an off-target effect of SP600125 (Fig. S3c-d).  Interestingly, H2O2 
treatment does not only seem to induce positive, but also negative regulators of PAR 
formation.  Thus, pretreatment of IMR-90 cells with MEK inhibitor (MEKi) lead to 
enhanced PAR formation (Fig. 2a).  However, pre-treatment with MEKi in MEFs as 
well as knockdown of ERK1 and/or ERK2 in the same cells, had no significant effect 
on PAR formation (Fig. S3e), suggesting that ERK1/2 signaling is not involved in 
H2O2-induced PAR formation.  In conclusion, although H2O2-induced PAR formation 
correlated with the activation of several signaling pathways, they do not regulate PAR 
formation.   
 
Activation of membrane-associated phospholipase C and calcium signaling from 
the ER by IP3 are important for nuclear PAR formation 
To further investigate how H2O2 induces nuclear PAR formation, additional pathways 
were explored with small molecular inhibitors for their role in PAR formation.  One 
of the earliest changes observed by the RPPA was enhanced phosphorylation of 
membrane-associated phospholipase C (PLCγ) (Fig. 1f).  To investigate the 
involvement of PLCγ in H2O2-induced PAR formation, IMR-90 fibroblasts were 
treated with the PLC inhibitor (PLCi) U-73122 (Fig. 2b).  Treatment of cells with 
PLCi before inducing oxidative stress significantly reduced PAR formation, revealing 
that PLC contributes to PAR formation.  PLC is known to stimulate the inositol 
triphosphate receptor (IP3R) at the ER through the synthesis of IP3.  We thus 
extended the inhibitor screen including inhibitors against IP3R.  The IP3R inhibitor 2-
APB (IP3Ri) significantly reduced PAR formation, supporting the notion that PLC 
induces cytoplasmic signaling through IP3 and stimulation of the IP3R at the ER 
membrane.  Activation of IP3R is known to release calcium (Ca
2+
) from the ER.  
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reduced H2O2-induced PAR formation (Fig. 2b and 
S3f), indicating that calcium signaling positively regulates PAR formation.  
Moreover, Ca
2+
i inhibited nuclear PAR formation in all cell cycle phases, indicating 
that the Ca
2+
-dependency of PAR formation is cell cycle-independent (Fig. 2c). 
Extensive uptake of Ca
2+
 by the mitochondria, could lead to the opening of the 
mitochondrial permeability transition pore (mPTP) and a subsequent release of high 
levels of NAD
+
, which has been suggested to activate PAR formation upon ischemia-
reperfusion injury (17).  However, inhibition of the mPTP controlling protein 
cyclophilin D (CypDi) did not affect the H2O2-induced PAR formation, suggesting 
that the calcium-induced opening of mPTP does not play a role in H2O2-induced PAR 
formation. 
 
PKCα controls oxidative stress-induced PAR formation  
Another early change observed in the RPPA analysis was the phosphorylation of PKC 
substrates.  The PKC family of protein kinases consists of the conventional, calcium-
dependent enzymes, as well as the novel and atypical calcium-independent kinases 
(46).  In mammals, the PKC protein family consists of four conventional (PKCα, -
βI/II and -γ), four novel (PKCδ, -ε, -η and -θ) and two atypical (PKCζ and -ι) 
isozymes (46).  Interestingly treatment of MRC-5 cells with the PKC inhibitor (PKCi) 
led to enhanced H2O2-induced PAR formation (Fig. 2d).  Similar results were 
obtained with IMR-90 cells (Fig. S3g).  However, the PKC inhibitor-enhanced H2O2-
induced PAR formation was completely abolished by the calcium chelator BAPTA-
AM (Ca
2+
i), suggesting that Ca
2+
-dependent signaling is essential for the induction of 
nuclear PAR formation by H2O2 and more dominant than the negative regulatory 
effect mediated by PKC inhibition.  To confirm PKC-dependent regulation of 
oxidative stress-induced PAR formation, MRC-5 cells were transfected with a pan 
siPKC against all PKC family members.  In contrast to the PKC inhibitor effect, 
knockdown of PKC isoforms, including PKCα and PKCδ, led to a strong reduction in 
the number of H2O2-induced PAR foci (Fig. 2e and 2f), suggesting that different PKC 
family members may regulate PAR formation in opposite ways. Thus, to dissect the 
positive and negative regulatory effects observed by PKC inhibition and down-
regulation, NIH/3T3 cells were transfected with siPKCα and/or siPKCδ.  In line with 
the PAR-reducing effect of BAPTA-AM, knockdown of PKCα resulted in 
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significantly lower H2O2-induced PAR formation as compared to control siRNA (Fig. 
2g, S4a).  This effect was confirmed using PKCα KO MEFs, which showed 
significantly less H2O2-induced PAR formation as compared to WT MEF (Fig. S4b, 
S4c).  In contrast, knockdown of PKCδ resulted in enhanced PAR formation, 
comparable to that with the PKC inhibitor.  Double knockdown of PKCα and PKCδ 
caused a reduction in PAR levels similar to that by knockdown of PKCα only, 
suggesting a dominant effect of PKCα on PAR formation (Fig. 2g).  Knockdown of 
the conventional PKC family members β and γ showed no effect on PAR formation 
(Fig. S4d). Together, these results demonstrate both stimulating and attenuating 
functions of PKC isoforms in H2O2-treated fibroblasts, although PKCα seems to 
dominate over PKCδ.  
 
PKCα does not regulate calcium-induced DNA lesions, but neither do OGG1 or 
APE1 
To further investigate the positive regulatory function of PKCα in H2O2-induced PAR 
formation, we studied whether PKCα translocates to the nucleus in response to H2O2 
and potentially regulates ARTD1 activity in this compartment.  Indeed, 10 min after 
treatment of MEFs with H2O2, PKCα levels were ∼2.5-fold increased in the nucleus, 
with a corresponding decrease in the cytoplasm (Fig. 3a).  Genetic complementation 
of WT or ARTD1 KO MEFs with WT ARTD1, an ARTD1 mutant with only mono-
ADP-ribosylation activity (E988K), or a mutant that lacks zinc fingers I and II 
(aa215-1014), revealed that the presence of zinc fingers and thus the binding to DNA 
is important for the ARTD1-mediated PAR formation in vivo (Fig. 3b).  Since 
ARTD1 is strongly activated by DNA damage, we tested whether PKCα-dependent 
formation of DNA lesions is responsible for the activation of ARTD1.  Thus, MEF 
cells were treated with siPKCα, stimulated with H2O2 and DNA integrity assessed by 
the comet assay. While H2O2 induced DNA tail formation in a dose and time-
dependent manner (Fig. S4e), DNA tail formation was still present in cells treated 
with siPKCα (Fig. 3c), suggesting that PKCα does not regulate PAR formation by 
affecting H2O2-induced DNA damage and that the induced DNA damage is not 
sufficient to induce PAR formation (Fig. 3c upper panel).  Similarly, H2O2-induced 
activation of ARTD1 (measured by automodification activity in nuclear extracts) was 
not affected by siPKCα treatment (Fig. 3d).  Intriguingly, however, treatment of cells 
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with BAPTA-AM caused a marked reduction in H2O2-induced DNA lesions (Fig. 3e) 
and activation of ARTD1 (Fig. 3f), suggesting that Ca
2+
-dependent signaling is 
important for the observed DNA tail formation.  Interestingly, neither knockdown of 
the calcium-dependent DNA-glycosylase OGG1 nor APE1 affected PAR formation or 
induced DNA tail formation after 10 min of oxidative stress (Fig. S4f), suggesting 
that the observed DNA lesions may not be 8oxoG modifications or abasic sites. The 
dependency on Ca
2+
 was specific for H2O2-induced DNA lesions, since DNA damage 
induced by either KBrO3 or MNNG was much less affected, if at all, by treatment 
with BAPTA-AM (Fig. 3g).  
 
PKCα regulates oxidative stress-induced PAR formation independently of 
ARTD1 phosphorylation 
To assess a potential direct regulation of ARTD1 activity through phosphorylation by 
PKCα in the nucleus, full-length ARTD1 was incubated with PKCα and radioactively 
labeled ATP in vitro.  DNA polymerase beta (Polβ), known to be phosphorylated by 
PKC (47) was included as positive control in the reaction containing PKCα (Fig. 3h), 
indicating that PKCα is able to directly phosphorylate ARTD1 in vitro.  Incubation of 
different ARTD1 fragments with PKCα indicated that ARTD1 was phosphorylated 
indiscriminately at various sites across the whole protein (Fig. 3i).  To assess whether 
the enzymatic activity of ARTD1 is affected by PKCα-mediated phosphorylation, 
ARTD1 pre-phosphorylated by PKCα was incubated with radioactively labeled 
NAD
+
 in the presence or absence of ATP and different amounts of DNA (Fig. 3j).  
ARTD1 activity was essentially the same whether ARTD1 was phosphorylated by 
PKCα or not, thus excluding direct PKCα-dependent phosphorylation of ARTD1 as 
the mechanism by which PAR formation is induced in a calcium-dependent manner 
upon H2O2 treatment and suggest an indirect mechanism by which PKCα activates 
ARTD1.  Interestingly, comparable experiments with the calcium-independent PKCδ 
isoform revealed that PKCδ phosphorylates ARTD1 at the N-terminus (amino acids 
1-214) and phosphorylation of ARTD1 by PKCδ inhibited DNA-induced PAR 
formation by ARTD1 in vitro (Fig. S4g, h), suggesting that the observed stimulatory 
effect of the PKCi on PAR formation is likely due to inhibition of PKCδ.  
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Oxidative stress-induced PKCα-dependent phosphorylation of HMGB1 is 
essential for PAR formation 
To investigate additional PKCα targets that could potentially positively influence 
PAR formation, histones were phosphorylated by PKCα in vitro and subjected to an 
in vitro ADP-ribosylation assay (Fig. 4a, b).  Neither phosphorylated, nor non-
phosphorylated histones showed any enhancing effect on the ARTD1 autocatalytic 
activity, excluding that PKCα mediates PAR formation by the phosphorylation of 
histones.  
Another known PKCα target within the chromatin landscape that could 
potentially affect PAR formation is the ubiquitously expressed histone-like protein 
high mobility-group protein box 1 (HMGB1).  HMGB1 has been described to alter its 
DNA binding-affinity when phosphorylated by PKC (48,49).  To study the 
consequences of HMGB1 phosphorylation by PKCα, recombinant HMGB1 was 
incubated with PKCα and radioactively labeled ATP.  A strong signal corresponding 
to phosphorylated HMGB1 was observed (Fig. 4c), confirming that HMGB1 is a 
target of PKCα in vitro.  Phosphorylation of HMGB1 by PKCα did not show an 
enhanced ARTD1 autocatalytic activity in vitro (Fig. 4d). However, these in vitro 
studies are not in the context of chromatin, which could be an important factor for the 
activity of ARTD1.  Thus, further studies were conducted in MEFs lacking HMGB1. 
We knocked down HMGB1 together with PKCα in WT MEF cells to further 
investigate a possible contribution of HMGB1 to PAR formation. Surprisingly, 
knockdown of HMGB1 and PKCα rescued the inhibitory effect of PKCα single 
knockdown on H2O2-induced PAR formation (Fig. 4e).  In HMGB1 KO MEFs, the 
inhibitory effect of PKCα knockdown was also greatly attenuated (Fig. S4i).  
To test, whether the observed rescue of PKCα knockdown on PAR formation 
by HMGB1 was based on protein/protein interactions only or required Ca
2+
 signaling-
induced DNA lesions, MEFs were treated with BAPTA-AM after knockdown of 
HMGB1 alone or after HMGB1/PKCα double-knockdown (which showed the partial 
rescue) and PAR formation assessed after H2O2 treatment (Fig. 4e).  Under the tested 
conditions, treatment with BAPTA-AM abrogated PAR formation in MEFs, but also 
in cells with knocked-down HMGB1 and HMGB1 KO MEFs (Fig. S4j), suggesting 
that Ca
2+
 signaling-induced DNA lesions are important, but not sufficient for PAR 
formation. 
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To investigate whether HMGB1 contributes to the effect of PKC knockdown 
also in human cells (cf. Fig. 2e), the effect of PKC knockdown was tested in MRC-5 
cells knocked-down for HMGB1 and compared to cells with proficient HMGB1 
levels (Fig. 4f).  Also in this case, the attenuating effect of PKC knockdown on PAR 
formation was reversed in cells depleted of HMGB1.  These results provide strong 
evidence that the positive effect of PKCα on PAR formation is mediated through 
HMGB1. 
To study how the H2O2-induced phosphorylation by PKCα affects the 
chromatin association of HMGB1, H2O2-treated MEFs were fractionated into 
chromatin and cytoplasmic fraction.  While an increased amount of HMGB1 could be 
detected in the cytoplasmic fraction of H2O2-treated as compared to non-treated 
MEFs, the levels in the chromatin fraction remained unaffected (Fig. 4g).  The 
cytoplasmic increase of HMGB1 was absent in MEFs lacking PKCα, indicating that 
phosphorylation of HMGB1 by PKCα reduces its chromatin association. 
These results suggest that the presence of HMGB1 at the chromatin represses 
PAR formation during H2O2-induced DNA lesions, until the H2O2-stimulated Ca
2+
 
release activates PKCα, leading to phosphorylation of HMGB1 and consequential 
decreased affinity of HMGB1 for the chromatin, revealing an intriguing interplay 




Our results indicate two main molecular mechanisms that regulate ARTD1 activity 
upon oxidative stress. Oxidative stress induces intracellular Ca
2+
 release which not 
only induces PAR-stimulating DNA lesions, but also releases the inhibitory effect of 
HMGB1 by PKCα-mediated HMGB1 phosphorylation and chromatin eviction to 
successfully induce full PAR formation in the nucleus (Fig. S4k). 
Oxidative stress is a potent activator of PAR formation in different cell types, 
but a coherent picture of the molecular events that lead to ARTD1 activation and PAR 
formation has not existed so far.  Although ARTD1 appears to be activated by 
oxidative stress indirectly via the induction of DNA lesions, a mechanism providing 
evidences for such a direct activation in vivo has not been reported and ample 
evidence suggests additional possibilities of controlling ARTD1 enzymatic activity.  
To elucidate the activated signaling pathways during oxidative stress, we applied a 
proteomics screen using reverse phase protein arrays (RPPA) focusing on the major 
intracellular signaling cascades (i.e. kinases and their substrates) in MRC-5 cells 
treated with a sublethal concentration of H2O2.  Overall, the majority of significant 
signal reductions concerned total protein levels, while increases in response to H2O2 
treatment were often observed for phosphorylation events.  This could be explained 
by the H2O2-induced inhibition of translation, which causes a general reduction of the 
protein half-life (50).  Moreover, this analysis revealed the kinetics of the H2O2-
mediated activation of several pathways. The bioinformatics analysis of the samples 
treated with 0.5 mM did not significantly differ from samples treated with a lethal 
dose (i.e. 2 mM, data not shown), suggesting that the initiated signal pathways are the 
same, independent on the cell fate. Interestingly, validation of several pathways with 
inhibitors revealed that many of the induced pathways did not, or only weakly, affect 
PAR formation, suggesting that these pathways do not regulate nuclear PAR 
formation.  Only inhibition of signaling pathways involving JNK, MEK and PKC 
altered the PAR intensity significantly which is in agreement with previous 
observations (27,29,51).  However, validation of these results by siRNA or using KO 
MEFs revealed that the JNK and MEK pathway are unlikely to regulated PAR 
formation and that the observed effect of the inhibitors on PAR formation could be 
due to off target effects, as in the case with the JNKi. 
From the other tested signaling events, Ca
2+ 
release from the endoplasmatic 
reticulum and Ca
2+
-dependent signaling was confirmed to play a major role during 
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oxidative stress and for PAR formation.  This finding is in agreement with studies that 





at the cellular plasma membrane through the 
activation of phospholipase C (PLC). This is in agreement with earlier publications 
reporting that phosphorylation and activation of PLC by a sulfhydryl oxidation-
dependent mechanisms, which leads to increased IP3 synthesis and subsequent 
activation of the IP3 receptor to induce the release of Ca
2+
 from intracellular stores 






inhibited H2O2-induced PAR 
formation, suggesting that this event is important for PAR formation.  Ca
2+ 
activated 
mainly two different molecular processes that seemed to regulate nuclear PAR 
formation, the induction of DNA lesions and the activation of PKCα, respectively.  




DNA lesions needs further investigation, 
since the performed experiments allow the detection of double-stranded, single-
stranded DNA breaks, but also abasic sites. Although we did observe a very strong 
correlation between Ca
2+
 release and the induction of DNA lesions, we cannot 
conclude to which extent the induced lesions are required for PAR formation, since 
the molecular mechanism responsible for the induction of the observed lesions is 
currently not known.  Interestingly, neither knockdown of OGG1 nor APE1 affected 
PAR formation or induced DNA tail formation after 10 min of oxidative stress, 
suggesting that the initial H2O2-induced DNA lesions (i.e. within the first 10 min) 
may not be 8oxoG or abasic DNA sites.  Ca
2+





isoform PKCα, which upon oxidative stress localized to the nucleus.  Interestingly, 
PKCα has so far not been linked to the regulation of PAR metabolism and ARTD1 
activity and was only studied as a factor affected by PARP inhibition (57).  At the 
molecular level we found that PKCα was able to phosphorylate ARTD1.  Previous 
studies have already shown ARTD1 phosphorylation by PKCα and PKCβ, and 
identified Ser504, Ser519 and Trh656 as preferential phosphorylation targets of PKCβ 
in full length ARTD1 (58).  Phosphorylation of ARTD1 by PKCα in vitro did not 
alter ARTD1 enzymatic activity.  In contrast, oxidative stress also activated the Ca
2+
 
independent PKC isoform PKCδ, which phosphorylated ARTD1 in vitro and reduced 
ARTD1-dependent DNA-induced PAR formation.  We localized the phosphorylation 
by PKCδ to the N-terminal DBD of ARTD1, with a strong preference for the region 
encompassing the first two zinc fingers.  Based on in silico analysis, sequence-
stretches around Ser20 in the N-terminal DBD of ARTD1 match the consensus-motif 
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of the two Ca
2+
-independent PKC isoforms PKCδ and PKCε (Motif Scan, ScanSite).  
Indeed, based on two recently published structures of ARTD1 zinc finger domains 
bound to DNA, Ser20 stabilizes the interaction with the DNA backbone by forming a 
hydrogen bond with a phosphate of a phosphodiester bond (59,60).  It can thus be 
speculated that phosphorylation of Ser20 by PKCδ destabilizes the interaction of the 
first ARTD1 zinc finger with the DNA backbone due to the negative charge of the 
phosphorylation, eventually resulting in less activity in response to H2O2.  This 
observation is in agreement with data obtained with inhibition of PKC signaling by 
the pan PKC inhibitor GF109203X that led to a significant increase in H2O2-induced 
PAR formation.  Indeed, PKC has been previously shown to phosphorylate ARTD1 in 
vitro (30) and its inhibition resulted in increased PAR induction upon alkylation stress 
(29), indicating a general regulatory mechanism of ARTD1 activity by PKCs in 
response to genotoxic stress.  In contrast, there are also studies that have reported a 
positive regulation of ARTD1 by PKCδ in response to histamine and we did not 
observe a stimulation of ARTD1 by PMA treatment alone (data not shown) (31,61).  
Thus the reported studies identified so far two seemingly opposing (positively and 
negatively), calcium-dependent and -independent regulatory mechanisms for PAR 
formation upon oxidative stress within the PKC family of proteins in human primary 
fibroblasts as well as in murine NIH/3T3 cells and MEFs.  However, since the double 
knockdown of PKCα and PKCδ in our studies caused in the analyzed human and 
mouse fibroblast a reduction in PAR levels similar to that by knockdown of PKCα 
only, PKCα seems to play a dominant and more relevant role in PAR formation in the 
analyzed cell types.   
 PKCα was found to regulate PAR formation not by influencing H2O2-induced 
DNA damage, but its PAR-regulating mechanism is mainly through phosphorylation 
and subsequent release of the High mobility group box 1 (HMGB1) from chromatin.  
H2O2 treatment of cells has been described to influence the chromatin structure, 
possibly dependent on calcium signaling (62).  HMGB1 is a chromatin-associated 
protein that plays a role in the organization, sliding and incorporation of nucleosomes 
(63-65), as well as the compaction of chromatin (66).  There is evidence that the 
nucleosome occupancy in cells lacking HMGB1 changes globally over the genome 
and that the DNA is more accessible to MNase digestion (67).  The release of 
HMGB1 from chromatin and nucleus into the cytoplasm is inhibited by chelation of 
calcium (68), showing the importance of calcium signaling in its dissociation from 
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chromatin.  In HMGB1-deficient cells, we observed a stronger PAR formation in 
response to H2O2.  Thus, there is a growing body of evidence that cellular signaling 
and chromatin-associated changes are involved in the activation of ARTD1 in a DNA 
damage-independent manner (69).  Upon oxidative stress HMGB1 was released from 
chromatin, but only in the presence of PKCα.  Interestingly, the regulatory effect of 
PKCα on PAR formation was reduced in cells lacking HMGB1, suggesting that 
HMGB1 is the principle PKCα target involved in controlling PAR formation.  The 
impact of HMGB1 release on the chromatin structure, which chromatin domains (e.g. 
eu- or heterochromatin) are mainly affected and how the release allows for PAR 
formation needs further investigation.  Whether the derepression of ARTD1 activity, 
due to Ca
2+
-induced PKCα-dependent HMGB1 chromatin release includes additional 
proteins (e.g. H1 or HP1) or calcium-dependent processes in vivo remains to be 
determined. 
In summary, the study presented here has identified the concurrent, H2O2-dependent 
activation of stimulatory and attenuating regulatory mechanism of nuclear PAR 
formation.  Our findings thus highlight the complexity of the signaling network that 
regulate ARTD1-catalyzed PAR formation in the nucleus and identify key players 
that determine and fine-tune the nuclear PAR levels.  Most importantly, the results 
presented here link cytoplasmic signaling components and pathways to the formation 
of PAR as a consequence of the calcium signaling.  Furthermore, the calcium-
dependent activation of PKCα leads to phosphorylation of HMGB1 and its 
subseuquent translocation from chromatin to cytoplasm, allowing for PAR formation 
to take place., These results thus identify PKCα as an important regulator of the 
chromatin modulation involved in oxidative stress-induced PAR formation, a finding 
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Figure 1.  Sublethal H2O2 treatment activates cytoplasmic kinases.  
a) PAR immunofluorescence (IF) analysis of MRC-5 cells treated with 0.5 mM H2O2 
for 10-60 min or left untreated (U).  
b) Immunoblotting analysis of MRC-5 cells pretreated with 1 µM ABT-888 or DMSO 
(control) and H2O2 treatment for 10-60 min.  
c) PAR IF analysis of MRC-5 cells transfected with siRNA against ARTD1 or mock, 




d) MEFs incubated with EdU (10 µM) for 15 min prior to H2O2 (0.1 or 0.5 mM) 
treatment for 10 min, and fixation and staining. Quantification of the mean PAR 
signal intensity per nucleus in G1, S and G2 cells, displayed in arbitrary units.  
e) Work flow for characterization of H2O2-induced proteome changes by reversed 
phase protein microarrays (RPPA).  
f-g) Time profile clustering of 0.5 mM H2O2-induced proteome changes in MRC-5 
cells (ANOVA, n=2, p<0.05) by k-means algorithm, showing increased protein 
expression / modification (green) or repression / de-modification (red). Modifications 
are indicated in brackets, antibodies that have been applied more than once are 
indicated by a 1-digit number at the end of the analyte name, antibodies from different 
vendors are indicated by a 3-digit number in brackets (e.g. 2-02).  
h) In silico protein-protein interaction analysis of significant proteome changes 
induced in MRC-5 cells by 0.5 mM H2O2 using STRING with a score cut off > 0.7.  
Purple color indicates change in phosphorylation, while violet reflects change in total 
protein. Hubs (more ≥ 20 interactions) are enlarged. 
 
Figure 2. Negative and positive modulation of ARTD1 activity by different PKC 
family members.  
a)	  PAR IF analysis of IMR-90 human fibroblasts preincubated with selected kinase 
inhibitors or DMSO (control) prior to 0.1 or 0.5 mM H2O2 treatment for 10 min, or 
left untreated. Inhibitors against ARTDs (olaparib, 10 μM), IKK (IKK VII, 10 μM), 
AMPK (dorsomorphin, 50 μM), MEK (PD985059, 20 μM), JNK (SP600125, 50 
µM), p38 (SB203580, 50 µM) were used at the indicated concentration. Experiments 
were also performed with NIH/3T3 mouse fibroblasts, with identical results. 
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Quantification performed on 10-20 nuclei analyzed per area (n=10), intensity in 
arbitrary units x 10
-5
.  
b) PAR IF analysis of IMR-90 preincubated with selected inhibitors or DMSO 
(control) prior to 0.1 mM H2O2 treatment for 10 min, or left untreated. Inhibitors 
against calcium (BAPTA-AM, 10 μM), IP3R (2-APB, 100 μM), PLC (U-73122, 1 
μM), cyclophilin D (cyclosporin A, 1 μM). Quantification of 10-20 nuclei analyzed 
per area (n=10), intensity in arbitrary units x 10
-5
.  
c) MEFs pre-treated with 10 µM BAPTA-AM or DMSO were incubated with EdU 
(10 µM) for 15 min, stimulated for 10 min with H2O2 (0.1 or 0.5 mM), before fixation 
and staining. Quantification of the mean PAR signal intensity per nucleus in G1, S 
and G2 cells, displayed in arbitrary units.  
d) PAR IF analysis of MRC-5 preincubated with 5 µM GF109203X (PKC inhibitor) 
or 10 µM BAPTA-AM (calcium chelator) or left untreated (U) prior to 0.1 mM H2O2 
for 10 min. Intensity in arbitrary units x 10
-5
.  
e) PAR IF staining of MRC-5 cells transfected with siPKC (pan) prior to H2O2 
treatment for 10 min (left). Quantification of PAR IF staining of MRC-5 cells 
transfected with siPKC (pan) prior to H2O2 treatment for 10 min (10-20 cells / 
condition, n=5) (right).  
f) Knockdown confirmation of e) by immunoblotting with anti-ARTD1, anti-PKCα or 
anti-PKCδ using anti-tubulin as loading control.  
g) PAR IF analysis of NIH/3T3 cells transfected with siPKCα and/or siPKCδ, 
siARTD1 (positive ctl) or siMock (negative control) prior to H2O2 (0.1 mM) 
treatment for 10 min (500 cells / condition, n=2).  
Data are mean +/- SD by t-test with *p<0.05, **p<0.01, ***p<0.001, n.s. not 
significant. 
 
Figure 3. PKCα regulates PAR formation in a DNA break-independent manner.  
a) MEFs pre-treated with 10 µM olaparib or left untreated prior to 0.5 mM H2O2 
treatment for 10 min. Nuclear and cytoplasmic extracts were analysed by 
immunoblotting. Quantification of PKCα levels was performed by densitometry, 
normalizing nuclear levels to ARTD1 and cytoplasmic levels to tubulin.  
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b) WT and ARTD1 KO MEFs transfected with myc-tagged WT ARTD1, ARTD1 
E988K or aa215-1014 ARTD1 were treated with 0.5 mM H2O2 for 10 min and 
immunostained for myc and PAR.  
c) Alkaline comet assay and PAR IF of siPKCα transfected MEFs or siMock 
(negative control) prior to 0.1 mM H2O2 treatment for 10 min. (100 nuclei analyzed / 
independent experiment, n=2. 
d) MEFs transfected with scrambled siRNA or siRNA against PKCα were treated 
with 0.5 mM H2O2 for 10 min. Nuclear extracts (NE) were prepared and 10 µg 
incubated in an in vitro ADP-ribosylation assay using NAD (
32
P) in the presence or 
absence of recombinant PKCα for 15 min at 30°C. Loading controlled by Coomassie 
blue staining of the gel (lower panel, CB).  
e) Alkaline comet assay and PAR IF of MEFs pre-treated with 10 µM BAPTA-AM 
for 30 min or left untreated prior to 0.1 mM H2O2 treatment for 10 min (100 nuclei 
analysed / independent experiment, n=3.  
f) MEFs were pre-incubated with either 10 µM olaparib, 10 µM BAPTA-AM or left 
untreated prior to 0.5 mM H2O2 for 10 min. Nuclear extracts (NE) were prepared and 
10 µg incubated in an in vitro ADP-ribosylation assay using NAD (
32
P) in the 
presence or absence of BAPTA-AM for 15 min at 30°C.  
g) Alkaline comet assay of NIH/3T3 cells preincubated with BAPTA (20 µM) or 
DMSO prior to KBrO3 (30 mM, 1 h) or MNNG (50 µM, 1 h) treatment (50 nuclei 
analyzed / independent experiment, n=6).  
h) PKCα kinase assay using ARTD1 full length and Pol β (positive control) as 
substrates and radiolabeled ATP (
32
P).  
i) PKCα kinase assay using ARTD1 deletion fragments or full length ARTD1 as 
substrate and radiolabeled ATP (
32
P).  
j) ADP-ribosylation assay using radiolabeled NAD (
32
P). PKCα was pre-incubated 
with ATP and/or ARTD1 for 30 min before adding PKC inhibitor (GF109203X, 5 
µM), NAD (
32
P) and 5, 0.5, 0.05, 0.005, or 0 pmol of EcoRI linker (ds DNA) and 
incubated for 15 min at 30°C.  
 
Figure 4. PKCα-dependent phosphorylation of HMGB1 is required for oxidative 
stress-induced PAR formation.  
a) PKCα kinase assay using radioactively labeled ATP (
32
P) and histones as substrate.  
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b) ADP-ribosylation assay using ARTD1, radioactively labeled NAD (
32
P) and 
histones as substrate.  
c) PKCα kinase assay using radioactively labeled ATP (
32
P) and HMGB1 as 
substrate.   
d) ADP-ribosylation assay with ARTD1 and radioactively labeled NAD (
32
P) (every 
lane), using HMGB1 pre-incubated with PKCα in the presence or absence of ATP.  
e) MEFs treated with scrambled siRNA or siRNA against HMGB1 and/or PKCα were 
incubated 10 min with 0.5 mM H2O2, in the absence or presence of BAPTA-AM and 
stained for PAR (left). Quantification of PAR intensity (right), 200 nuclei 
analyzed/experiment, n=3.  
f) Quantification of PAR intensity in MRC-5 cells treated with scrambled siRNA or 
siRNA against HMGB1 and/or PKC (pan), stained for PAR after 10 min of 0.5 mM 
H2O2 treatment (200 nuclei/independent experiment, n=3).  
g) Western blot analysis of HMGB1 in chromatin and cytoplasmic fractions from 
MEFs transfected with scrambled siRNA or siRNA against PKCα, and treated with 
0.5 mM H2O2 for 10 min, or left untreated.  
Data are mean +/- SD analyzed by t-test with *p<0.05, **p<0.01, ***p<0.001, n.s. 
not significant.   
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Supplementary Figure Legends 
 
Figure S1. Dose and time-dependent formation of PAR and loss of viability by 
H2O2.  
a) Kinetic analysis of PAR formation in MRC-5 cells upon increasing concentrations 
of H2O2 by IF.  
b) PAR IF analysis of MRC-5 cells preincubated with different ARTD inhibitors (1 
μM ABT-88, 1 μM olaparib and 10 μM PJ-34) prior to 0.5 mM H2O2 treatment. 
c) MEFs were pre-incubated with 10 µM olaparib, or left untreated prior to 0.5 mM 
H2O2 for 10 min. Nuclear extracts (NE) were prepared and 10 µg were incubated in 
an in vitro ADP-ribosylation assay using NAD (
32
P) for 15 min at 30°C.  
d) Schematic presentation of image-based cell cycle staging through quantitative 
high-content microscopy for quantifying PAR intensities in the different cell cycle 
stages. The incorporated mean EdU signal was plotted vs. the total intensity of DAPI 
for every single cell. G1 cells were identified based on their low EdU and low DAPI 
content, S phase cells based on their high EdU content, and G2 cells based on their 
low EdU and high DAPI content. 
e) MTT viability assay of MRC-5 cells treated with different concentrations of H2O2 
for 10 min and recovery for 24 h (n=3).  
f) IF analysis of MRC-5 cells treated with 0.5 mM H2O2 for 10-60 min followed by 
fixation and immunostaining with anti-PAR (red) and anti-γH2A.X (green) or anti-
53BP1 (red) and counterstaining with DAPI (blue) (left). Quantification of PAR and 
γH2A.X foci number from e) (10-20 nuclei analyzed / area, n=5) (right). 
 
Figure S2. RPPA analysis of H2O2-induced proteome changes in MRC-5 cells.   
a) Relative fluorescence intensities (RFIs) (log2) for group 1 (biological duplicates 
for untreated (U)_10 min), group 2 (biological duplicates for 0.5_10 min), group 3 
(biological duplicates for 0.5 mM_60 min) were compared using F-statistics 
(ANOVA) with p < 0.05.  
b) Means of RFIs (replicates) were log2 transformed and fold changes (to U, group 1) 
were plotted individually for 0.5 mM H2O2 to determine the standard deviation, 
resulting in 1 S.D. = 0.77.  
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c) Statistical, fold change and quality control analysis of significant proteome changes 
in response to 0.5 mM H2O2 using ANOVA (p < 0.05, n = 2) (green) and cut off (1 
S.D.) (dashed line). Proteome changes which passed the cut off filter (1 S.D.) and 
satisfied visual quality control are highlighted in yellow, proteome changes which 
only passed the cut off filter (1 S.D.) are highlighted in red, proteome changes which 
only passed the visual quality control are highlighted in orange.  
d) Enrichment of pathways from the pathway interaction database (PID) with 
significant proteome changes (ANOVA, p < 0.05) induced by 0.5 mM H2O2 using 
Fisher’s exact test.  (FDR corrected p-value cut off = 0.05). 
 
Figure S3. Identification of the H2O2-induced signaling players upstream of PAR 
formation.  
a) PAR immunoblotting analysis of NIH/3T3 cells preincubated with AMPK inhibitor 
(dorsomorphin, 10 and 50 μM) for 1 h prior to 0.5 mM H2O2 treatment for 10 min.  
b) PAR immunoblotting analysis of NIH/3T3 cells preincubated with either ARTD 
inhibitor (olaparib, 10 μM), JNK inhibitor (SP600125, 10 and 30 μM) or p38 
inhibitor (SB203580, 10 μM) for 1 h prior to 0.5 mM H2O2 treatment for 10 min.  
c) Immunoblotting analysis of JNK1/2 double KO or WT MEFs pretreated with JNK 
inhibitor SP600125 (30 µM) prior to 0.5 mM H2O2 treatment. Anisomycin (10 μM) 
treatment used as control for inducing JNK signaling. ARTD1 used as loading control 
and JNK1/2 to control absence of JNK in JNK1/2 double KO MEFs. PAR intensity 
normalized to tubulin and reported as percent of H2O2 + DMSO.  
d) Intensity quantification of PAR IF in MEFs after 0.5 mM H2O2 for 10 min using 
MEFs transfected with scrambled siRNA (Mock) or siRNA targeting either JNK1 or 
JNK2, or 60 min pre-incubation with 50 µM JNK inhibitor SP600125 (right).  
e) Experiment performed as in d), using MEFs transfected with scrambled siRNA, 
siRNA targeting ERK1 or ERK2, or both, or 60 min pre-incubation with 20 µM 
MEK1/2 inhibitor PD98059 (right), n=4.  
f) PAR immunoblotting analysis of NIH/3T3 cells preincubated with Ca
2+
 chelator 
(BAPTA-AM, 10 μM) for 1 h prior to 0.5 mM H2O2 treatment for 10 min.  
g) PAR IF analysis of IMR-90 preincubated with 5 µM GF109203X (PKC inhibitor) 




Data are mean +/- SD by t-test with *p<0.05, **p<0.01, ***p<0.001, n.s. not 
significant. 
 
Figure S4. Principle role of PKCα isoform and HMGB1 in PAR formation 
a) Knockdown control by western blot of NIH/3T3 cells treated with siRNA against 
ARTD1 (as control), PKCα and/or PKCδ.  
b) WT and PKCα KO MEFs treated with 0.5 mM H2O2, immunostained for PAR and 
the intensity subsequently quantified, 200 nuclei / independent experiment, n=2.  
c) PKCα and PKCδ levels in PKCα KO MEFs controlled by Western blot.  
d) PAR IF analysis of NIH/3T3 cells transfected with siPKCα, siPKCβ, siPKCγ, 
siPKCδ, or siCtl (negative control) prior to H2O2 (0.1 mM) treatment for 10 min (50 
cells / condition). 
e) Alkaline comet assay of NIH/3T3 cells treated with increasing concentration of 
H2O2 for the indicated periods of time (50 nuclei analyzed / independent experiment, 
n=2).  
f) MEFs were transfected with siRNA against Ogg1, Ape1 or mock control, and 
treated with 0.5 mM (left, middle) or 0.1 mM (right) H2O2 for 10 min. Analyzed by 
PAR IF and intensity quantified (left, middle) or the alkaline comet assay, 100 
nuclei/condition (right). 
g) PKCδ  kinase assay using ARTD1 deletion fragments as substrate and 
radiolabeled ATP (
32
P). Loading controlled by Comassie blue staining of the gel 
(lower panel, CB).  
h) ADP-ribosylation assay using radiolabeled NAD (
32
P) with PKCδ phosphorylated 
ARTD1, in the presence or absence of EcoRI linker (ds DNA) and incubation for 10 
min at 30°C. Loading controlled by Comassie blue staining of the gel (lower panel, 
CB). 
i) HMGB1 KO MEFs treated with scrambled siRNA or siRNA against PKCα were 
treated for 10 min with 0.5 mM H2O2 and stained for PAR. Quantification of PAR 
intensity (right), 200 nuclei analyzed/experiment, n=3.  
j) Performed as in i), but pre-incubated with 10 µM BAPTA-AM.  
k) Schematic representation of the signaling pathways involved in H2O2-induced PAR 
formation. Activation of ARTD1 by i) calcium-dependent formation of DNA strand 
breaks, ii) PKCα activation, translocation to the nucleus and subsequent 
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phosphorylation of HMGB1, which releases the repression of ARTD1. H2O2-induced 
























3.2 Published results 
3.2.1 ARTD1 Supresses Interleukin 6 Expression by Repressing MLL1-Dependent 
Histone H3 Trimethylation 
ARTD1 Suppresses Interleukin 6 Expression by Repressing MLL1-
Dependent Histone H3 Trimethylation
Roberta Minotti,a Anneli Andersson,a,b Michael O. Hottigera
Institute of Veterinary Biochemistry and Molecular Biology, University of Zurich, Zurich, Switzerlanda; Life Science Zurich Graduate School, Molecular Life Science Program,
University of Zurich, Zurich, Switzerlandb
ADP-ribosyltransferase diphtheria-toxin like 1/poly(ADP-ribose) polymerase 1 (ARTD1/PARP1) is a chromatin-associated pro-
tein in the nucleus and plays an important role in different cellular processes such as regulation of gene transcription. ARTD1
has been shown to coregulate the inflammatory response by modulating the activity of the transcription factor nuclear factor !B
(NF-!B), the principal regulator of interleukin 6 (IL-6), an important inflammatory cytokine implicated in a variety of diseases
such as cancer. However, to what extent and how ARTD1 regulates IL-6 transcription has not been clear. Here, we show that
ARTD1 suppresses lipopolysaccharide (LPS)-induced IL-6 expression in macrophages, without affecting the recruitment of the
NF-!B subunit RelA to the IL-6 promoter and independent of its enzymatic activity. Interestingly, knockdown of ARTD1 did not
alter H3 occupancy but increased LPS-induced trimethylation of histone 3 at lysine 4 (H3K4me3), a hallmark of transcription-
ally active genes. We found that ARTD1 mediates its effect through the methyltransferase MLL1, by catalyzing H3K4me3 at the
IL-6 promoter and forming a complex with NF-!B. These results demonstrate that ARTD1 modulates IL-6 expression by regu-
lating the function of an NF-!B enhanceosome complex, which involves MLL1 and does not require ADP-ribosylation.
Interleukin 6 (IL-6) is an important inflammatory cytokine trig-gered, e.g., by pathogen-associated molecular patterns (PAMPs)
such as bacterial lipopolysaccharide (LPS) (1). Increased IL-6 pro-
duction is linked to inflammatory diseases such as inflammatory
bowel disease, rheumatoid arthritis, mast cell growth prolifera-
tion, chronic inflammation, and obesity and to different cancers
such as breast, colon, epithelial, or lung cancer (1–6). IL-6 can be
released from tumors themselves, or from cancer-associated fi-
broblasts, and together with other factors thereby creates a tumor-
promoting microenvironment (7–9). Understanding the mecha-
nisms how IL-6 transcription is regulated in different cell types is
thus important for diseases such as cancer and inflammatory dis-
eases. While the expression of IL-6 is principally regulated by the
transcription factor nuclear factor !B (NF-!B), epigenetic mech-
anisms also play an important role in the regulation of IL-6 gene
expression (10–14).
NF-!B is a widely expressed, inducible transcription factor
crucial for inflammation, immunity, cell proliferation, and apop-
tosis (15, 16). In mammalian cells, five members of the NF-!B
family exist, forming different homo- or heterodimers (17). The
most abundant, best-studied, and “classical” form of NF-!B is a
heterodimer consisting of the two subunits p50 and RelA (p65). In
unstimulated cells, NF-!B is mostly sequestered in the cytoplasm
as an inactive transcription factor complex by its physical associ-
ation with one of the several inhibitors of NF-!B (I!B). PAMPs
induce the classical, canonical pathway, which involves the rapid
activation of I!B kinase " (IKK"), NEMO-dependent phosphor-
ylation and the subsequent degradation of I!Bs, and the conse-
quent nuclear translocation of primarily RelA-containing NF-!B
heterodimers. As a mechanism to control the inflammatory re-
sponse, nuclear NF-!B activity is selectively regulated at various
levels downstream of activation, including DNA methylation
(which depends on the differentiation state of the cell in ques-
tion), nucleosome positioning, and histone modifications
(e.g., histone methylation such as H3K4, H3K4, or H4K27
methylation), and via complex formation with coregulators,
including p300/CBP and MLL1 (18–22). MLL1 is a member of
the SET1/MLL family of methyltransferases and is known for its
crucial functions for homeobox gene expression during develop-
ment and embryogenesis and for stem cell regulation, as well as for
gene transcription in general (23, 24). Interestingly, MLL1-depen-
dent regulation of NF-!B downstream genes, including IL-6, has
recently been reported (25). Due to these pivotal functions, mu-
tations affecting the MLL1 gene cause severe diseases and are im-
plicated in acute leukemia in children and adults, with a particu-
larly poor prognosis (26). To prevent fatal malfunction or
misregulation of MLL1, multiple mechanisms control its activity
in the cell (27). Together, there is a diversity of regulatory mech-
anisms for the differential activation of NF-!B-dependent target
genes within the same cell or the differential activation of the same
gene in different cells (20, 28). Furthermore, NF-!B is subject to
positive-feedback regulation by cytokines such as IL-6 (29, 30).
ADP-ribosyltransferase diphtheria-toxin like 1/poly(ADP-ri-
bose) polymerase 1 (ARTD1/PARP1) is an abundant nuclear pro-
tein that plays key roles in a variety of nuclear processes, including
the regulation of transcription (31). ARTD1 possesses an intrinsic
enzymatic activity that catalyzes the transfer of ADP-ribose
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(ADPr) units from NAD (NAD!) onto target gene regulatory
proteins, thereby modulating their activities, functions, and inter-
acting partners (32, 33).
Since its discovery, most studies on ARTD1 have focused on its
role in DNA damage detection and repair responses (34). How-
ever, over the past decade, the role of ARTD1 in gene regulation
has received increasing attention (31). Interestingly, ARTD1 can
act as a transcriptional enhancer or as an attenuator. ARTD1 can
regulate transcription by binding to nucleosomes and interacts
dynamically with different types of chromatin domains to modu-
late the chromatin structure (34, 35). Nucleosome binding and
auto-ADP-ribosylation of ARTD1 has been described as the un-
derlying mechanism for this formation of transcriptionally inac-
tive, dense chromatin (36, 37) and have been implicated in the
reciprocal binding of ARTD1 and histone H1 to chromatin (38).
ARTD1 has also been shown to covalently modify histone and
chromatin-associated nonhistone proteins with poly(ADP-ri-
bose) (PAR) (39, 40). ARTD1 can modulate the activity of nucleo-
some remodelers through noncovalent mechanisms, as is the case
with ALC1 (amplified in liver cancer 1; also known as CHD1L), a
macrodomain-containing nucleosome-remodeling enzyme.
PAR-dependent interactions between ARTD1 and ALC1 promote
nucleosome remodeling by ALC1, as well as recruitment of ALC1
to sites of DNA damage in cells (41, 42). ADP-ribosylation of
KDM5B, a histone lysine demethylase acting on H3 lysine 4 trim-
ethylation (H3K4me3), has been shown to block the binding of
KDM5B to chromatin and inhibit its demethylase activity (43).
This antagonism between ARTD1 and KDM5B helps to explain
the high correlation between ARTD1 and H3K4me3 at actively
transcribed promoters. The functional interplay between ARTD1
and KDM5B helps to control the chromatin state at ARTD1-reg-
ulated promoters for both basal and signal-regulated transcrip-
tional outcomes (43). Finally, ARTD1 may also function as a scaf-
fold protein independent of its catalytic activities, by interacting
with and promoting the recruitment of other coregulatory en-
zymes required for transcription. We were the first to show that
ARTD1 directly interacts with the NF-"B subunits and thereby
regulates NF-"B-dependent gene expression (44, 45). We found
that ARTD1 synergistically coregulates transcription together
with known NF-"B transcriptional cofactors such as p300,
CARM1, PRMT1 and the Mediator complex (18, 45, 46).
Although the enzymatic activity is not required for the tran-
scriptional activation of transiently transfected NF-"B reporter
plasmids by ARTD1 or upon NLRP3 inflammasome-induced
ARTD1 cleavage (47), we were able to link ARTD1 and ADP-
ribosylation to signaling during inflammation and the expression
of adhesion molecules in atherogenesis, as well as cell survival
under stress conditions (48). ARTD1 and NF-"B are thus inter-
connected in the inflammatory response.
At the inflammatory level, we have recently shown that non-
apoptotic LPS-induced caspase 7 activation via the NLRP3 in-
flammasome induces ARTD1 cleavage at the transcriptional start
sites (TSS) of distinct NF-"B target genes, including IL-6, and
thereby causes elevated expression of these genes (49). The molec-
ular mechanism responsible for the repressed IL-6 expression lev-
els in the presence of ARTD1 was not elucidated, however.
In the present work, we characterized and elucidated the mo-
lecular mechanism by which ARTD1 regulates the transcription of
IL-6. Our results demonstrate that the negative regulation of IL-6
expression by ARTD1 is independent of its enzymatic activity and
does not affect RelA recruitment to the IL-6 promoter. Instead, we
found that ARTD1 is enriched at the IL-6 promoter and sup-
presses MLL1-dependent H3K4me3. These results uncover a new
mechanism of chromatin remodeling by ARTD1 and its impor-
tance for inflammation.
MATERIALS AND METHODS
Cell culture. Mouse leukemic monocyte macrophage cell line (RAW
264.7) was cultured in RPMI medium (Gibco/Invitrogen, Carlsbad, CA)
at 37°C. NIH 3T3 and HEK293T cells were cultivated in Dulbecco modi-
fied Eagle medium (PAA, Pasching, Austria). Bone marrow-derived mac-
rophages (BMDM) were obtained from bones (femurs and tibias) of wild-
type and ARTD1 knockout mice and also cultivated in RPMI medium.
The bones were cut from both ends, and bone marrow was flushed out
with complete medium using a 1-ml syringe with a 23G needle until the
bones were completely white. Cells were resuspended in RPMI medium
supplemented with 20% of the supernatant of L929 cells and plated in
bacterial dishes for 5 days. Differentiated macrophages were maintained
in culture for 2 weeks in RPMI medium supplemented with 5% L929
supernatant. All media were supplemented with 1% (vol/vol) penicillin-
streptavidin and 10% (vol/vol) fetal calf serum (Gibco/Invitrogen).
Cells were preincubated with the ARTD1 inhibitors olaparib (1 #M;
SelleckChem) and ABT-888 (1 #M; Enzo LifeSciences) for 3 h before LPS
(100 ng/ml; Sigma-Aldrich, St. Louis, MO) stimulation. RAW 264.7 mac-
rophages (Raw cells) stably downregulating ARTD1 were generated using
viral transduction. Virus expressing an shARTD1 construct were gener-
ated in HEK293T cells. Then, 10 #g of shARTD1 plasmid, 6 #g of pack-
aging plasmid, and 3.5 #g of viral envelope plasmid were transfected into
HEK293T cells (4 $ 106 cells per 10-cm plate) using calcium phosphate.
The medium was changed at 6 to 8 h posttransfection, and supernatant
containing virus was collected, centrifuged, and filtered (0.45-#m-pore-
size cellulose acetate filters) after 3 days. RAW 264.7 cells were seeded 1
day prior to transduction on a 6-well plate (5 $ 105 cells per well). Poly-
brene was added to a final concentration of 4 #g/ml overnight. Subse-
quently, 1 ml of supernatant containing virus was added per well. The
medium was replaced at 8 h postinfection and changed to selective me-
dium after 2 days (puromycin, 2 #g/ml; Invivogen, San Diego, CA). Cells
were kept under constant selection.
siRNA transfection. Negative-control AllStars (siMOCK), human si-
PARP1#6, mouse siPARP1#7, mouse siMLL1#1, mouse siSet7#1, and
mouse siRelA#2 were ordered from Qiagen (Hilden, Germany). Cells
were seeded at 50% confluence (2 $ 105 cells per well) and transfected
with 20 nmol of small interfering RNA (siRNA) per well (in six-well plate)
with RNAiMAX Lipofectamine (Invitrogen). The experiment was per-
formed 3 days after transfection.
RNA extraction and quantitative real-time PCR (qPCR) analysis.
RNA extraction was performed with the NucleoSpin RNA II kit (Mach-
erey-Nagel, Düren, Germany). RNA was quantified with a NanoDrop
(Thermo-Fisher Scientific, Waltham, MA), and 2 #g of RNA was reverse
transcribed according to the supplier’s protocol (high-capacity cDNA re-
verse transcription kit; Applied Biosystems, Foster City, CA).
qPCRs were performed witha SYBR green SensiMix SYBR Hi-ROX kit
(Bioline Reagents, Ltd., London, United Kingdom) and a Rotor-Gene Q
2plex HRM system (Qiagen). See Table S1 in the supplemental material
for primer sequences. The relative amounts of each mRNA were normal-
ized to the RPS12 (mouse) and RPL28 (human) housekeeping genes.
Cell lysis, SDS-PAGE, and Western blot analysis. Whole-cell extracts
were prepared directly on plate by using a Tris lysis buffer (50 mM Tris
[pH 8], 500 mM NaCl, 1% Triton X-100, 1 #g of pepstatin/ml, 1 #g of
bestatin/ml, 1 #g of leupeptin/ml, 2 mM phenylmethylsulfonyl fluoride).
Lysates were homogenized for 10 min at 4°C, followed by a 10-min cen-
trifugation (maximum speed at 4°C) to eliminate cell debris. The protein
concentration was quantified by a Bradford assay (Bio-Rad Laboratories,
Hercules, CA), and 30 #g of protein extract was separated on a 10 or 7.5%
SDS-polyacrylamide gel (120 V). The gel was blotted onto a polyvi-
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nylidene difluoride membrane and analyzed using protein-specific anti-
bodies.
Coimmunoprecipitation. Cells were harvested with a scraper and
washed once with phosphate-buffered saline (PBS) for 5 min at 900 ! g.
The pellet was resuspended in 400 "l of hypotonic buffer (0.5% NP-40, 85
mM KCl, 5 mM HEPES [pH 7.4]) and directly centrifuged for 10 min at
6,200 ! g using a cold centrifuge. Next, the pellet was resuspended in 200
"l of nuclear extraction buffer (50 mM Tris-HCl [pH 7.5], 150 mM KCl,
5 mM MgCl2, 0.2 mM EDTA, 20% glycerol, 0.1% NP-40) and sonicated
twice for 30 s. The nuclear extract was incubated for 30 min at 4°C with 1
"l of DNase and sonicated again for 30 s, followed by a 10-min centrifu-
gation (4°C and 3,500 ! g). Proteins were quantified by using a Bradford
assay. Immunoprecipitation was carried out with 300 "g of extract at 4°C
overnight with 10 "l of monoclonal antihemagglutinin (anti-HA)-aga-
rose beads (Sigma-Aldrich). After overnight incubation, the beads were
washed three times with washing buffer (20 mM Tris-HCl [pH 7.5], 0.1 M
KCl, 5 mM MgCl2, 0.2 mM EDTA, 10% glycerol, 0.1% Tween), resus-
pended in 2! Laemmli buffer (20 "l), and boiled for 5 min at 95°C.
SDS-PAGE and Western blot analysis were performed as described above.
Immunofluorescence microscopy. Cells were cultured on sterile cov-
erslips (105 cells per well in a 24-well-plate) and grown overnight. After
treatment with or without H2O2 (at 1 mM in fetal calf serum-free medium
for 10 min), the cells were fixed (methanol-acetic acid [3:1], 5 min on ice)
and washed twice with PBS. The cells were blocked for 30 min in PBS
containing 5% milk powder and 0.05% Tween and incubated with 10H
PAR antibody (1:350) in the same buffer (1 h at room temperature).
Coverslips were incubated with secondary Cy3-conjugated antibody (for
1 h at room temperature in the dark). After being washed with PBS, the
coverslips were mounted with Vectashield containing DAPI (4=,6=-di-
amidino-2-phenylindole; Vector Laboratories, Burlingame, CA). Con-
ventional microscopy was carried out using a Leica DMI 6000B light mi-
croscope (Leica Microsystems GmbH, Wetzlar, Germany).
ChIP. Chromatin immunoprecipitation (ChIP) analysis for H3,
H3K4me3 and ARTD1 was performed as described previously (54) using
magnetic Dynabeads (Life Technologies, Carlsbad, CA). ChIP analysis for
p65 was performed as described previously (50), using protein A-agarose-
salmon sperm DNA beads (Millipore, Billerica, MA).
Luciferase assay. Cells were transfected with a specific siRNA as de-
scribed above (2 ! 104 cells per well in a 24-well plate). At 1 day after
transfection, the medium was changed, and different luciferase constructs
were transfected using a TransIT-3T3 transfection kit (Mirus, Madison,
WI). A luciferase assay was performed after 48 h using a dual-luciferase
reporter assay system (Promega, Madison, WI) according to the supplier’s
protocol.
Antibodies. The following antibodies were used: PARP1/ARTD1 (H-
250 [rabbit]), PARP-1 (C2-10 [mouse]), and p65 (C-20 [rabbit]) from
Santa Cruz Biotechnology, Inc. (Dallas, TX); tubulin (mouse) from Sig-
ma-Aldrich; H3K4me3 (rabbit) from Millipore; and histone H3 (rabbit)
from Abcam PLS (Cambridge, United Kingdom). MLL1/HRX was ob-
tained from Millipore. Secondary Cy3-conjugated AffiniPure goat anti-
mouse antibody was obtained from Jackson ImmunoResearch Laborato-
ries (Suffolk, United Kingdom), and 10H PAR (mouse) antibody was
prepared in-house.
RESULTS
ARTD1 negatively regulates LPS-induced IL-6 expression in a
RelA-dependent manner. Stimulation of Raw cells with LPS for 1
or 4 h led to a strong induction of IL-6 transcript levels as identi-
fied by quantitative reverse transcription-PCR (RT-PCR) (Fig.
1A). In shARTD1-treated Raw cells (see Fig. 1A, right panel, for
knockdown efficiency), IL-6 expression levels were comparably
induced after 1 h but significantly enhanced at 4 h after LPS stim-
ulation, suggesting that ARTD1 negatively regulates IL-6 gene ex-
pression at this later time point. The observed effect was specific
for IL-6, since the NF-#B-dependent control gene I#B$ was not
affected by ARTD1 knockdown (Fig. 1A). Selectively enhanced
IL-6 expression (compared to their respective controls) was also
observed in LPS-stimulated primary BMDM from ARTD1 knock-
out mice (Fig. 1B) and NIH 3T3 fibroblasts treated with siARTD1
(Fig. 1C; see the right-hand panels for knockout and knockdown
efficiencies), as well as in siARTD1-treated HEK293T cells stimu-
lated with PMA (Fig. 1D; see the right-hand panel for the induc-
tion of RelA nuclear translocation), suggesting that the ARTD1-
mediated negative regulation of IL-6 expression is cell type (and
stimulus) independent.
Because of their ease of transfectability, the mechanism of
the negative regulatory effect of ARTD1 on IL-6 expression was
further investigated using NIH 3T3 cells. To assess whether the
negative regulation by ARTD1 was dependent on NF-#B, exper-
iments with double knockdown of ARTD1 and RelA were per-
formed. Enhanced IL-6 expression by ARTD1 knockdown in LPS-
stimulated NIH 3T3 cells was completely abolished by
concomitant downregulation of RelA (Fig. 2A), indicating that the
negative regulatory effect of ARTD1 on IL-6 expression was highly
dependent on the induction of RelA in these cells. To corroborate
these results, reporter assays with a luciferase gene under the con-
trol of either the wild-type IL-6 promoter or a mutated IL-6 pro-
moter lacking the NF-#B binding site were performed. In line with
the analysis of the transcript levels, knockdown of ARTD1 led to
enhanced IL-6 promoter transcriptional activity (Fig. 2B). This
effect was not observed when the NF-#B binding site was mutated,
confirming that the negative regulatory effect of ARTD1 under
these conditions is also RelA-dependent and the chromatinization
of the transfected reporter plasmids is sufficient to detect the
ARTD1-mediated IL-6 repression.
ARTD1 negatively regulates IL-6 expression independent of
its enzymatic activity. ARTD1 can regulate gene expression by
ADP-ribosylating target proteins (including itself) or by its asso-
ciation with chromatin at the promoters of regulated genes (i.e.,
independently of its enzymatic activity). To determine whether
the enzymatic activity of ARTD1 is required for the observed neg-
ative regulatory effect on IL-6 expression, Raw cells were stimu-
lated with LPS in the absence or presence of the ADP-ribosylation
inhibitor olaparib. Again, ARTD1 knockdown lead to enhanced
IL-6 expression, whereas that of I#B$ remained unaffected (Fig.
2C). Treatment of cells with olaparib, which effectively inhibited
H2O2-induced PAR formation at the dose used for this experi-
ment (data not shown), neither affected IL-6 expression in
shMOCK cells nor enhanced expression in shARTD1 cells (Fig.
2C), indicating that ADP-ribosylation is not involved in the neg-
ative regulatory effect of ADRT1 on IL-6 expression. Comparable
results were obtained with another ADP-ribosylation inhibitor,
ABT-888 (Fig. 2D). Together, these results demonstrate that the
observed derepression of IL-6 expression upon knockdown of
ARTD1 is neither dependent on ARTD1-mediated ADP-ribosy-
lation nor on that by another ARTD family member.
ARTD1 does not alter the H3 occupancy at the IL-6 pro-
moter. To investigate whether ARTD1 represses IL-6 expression
indirectly by hampering RelA recruitment to the IL-6 promoter,
LPS-induced recruitment of RelA to the IL-6 and I#B$ promoters
(100 bp upstream of the TSS was compared in shMOCK and
shARTD1-treated Raw cells. The biphasic recruitment of RelA to
the IL-6 promoter (i.e., immediate within 1 h and late at 4 h after
stimulation) was not different between shMOCK and shARTD1-
treated cells in regard to timing and extent (Fig. 3A). The ARTD1-
Negative Regulation of IL-6 by ARTD1 via MLL1







































































FIG 1 ARTD1 negatively regulates LPS- or PMA-induced IL-6 expression. IL-6 and I!B" gene expression was quantified by RT-PCR in Raw cells (A), BMDM
(B), NIH 3T3 cells (C), and HEK293T cells (D). (A) IL-6 and I!B" expression upon LPS stimulation in Raw cells treated with shRNA specific against ARTD1 (n #
5). The right panel shows knockdown efficiency by Western blotting. (B) IL-6 and I!B" expression upon LPS stimulation in BMDM from wild-type and ARTD1
knockout mice (one representative experiment out of three). The right panel demonstrates knockout by Western blotting. (C) IL-6 and I!B" expression upon
LPS stimulation in NIH 3T3 cells treated with siRNA specific against ARTD1 (n # 3 or 4). The right panel shows knockdown efficiency by Western blotting. (D)
IL-6 and I!B" expression upon PMA stimulation in HEK293T cells treated with siRNA specific against ARTD1 (n # 2). The right panel demonstrates induction
of p65 by PMA (quantitative representation of immunofluorescence analysis). The data are presented as means $ the standard deviations (SD) and were analyzed
by one-way analysis of variance (ANOVA), followed by Bonferroni’s post hoc test. *, P % 0.05.
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dependent negative regulation of IL-6 expression was therefore
not due to an effect on RelA recruitment to the IL-6 promoter.
Alternatively, as a chromatin-associated factor, ARTD1 may
exert its regulatory function through the modulation of the chro-
matin state at the TSS of the IL-6 gene. To address the function of
ARTD1 as a chromatin regulator at the promoter of IL-6, ChIP
experiments were performed to analyze the H3 occupancy at the
IL-6 and I!B" promoters. These analyses revealed that the chro-
matin at the IL-6 promoter was strongly enriched (at least 3-fold)
in histone H3 compared to that at the I!B" promoter in
shMOCK-treated cells (Fig. 3B), suggesting a more compact chro-
matin state at the IL-6 promoter (51). The H3 occupancy in
shARTD1-treated Raw cells under basal conditions (i.e., un-
treated) was not significantly reduced compared to shMOCK-
treated cells in the first 100 bp upstream of the TSS of the IL-6 pro-
moter but also not further upstream and even downstream in the
gene body (Fig. 3C). Upon LPS stimulation, the measured H3 con-
tent was also not significantly changed between shARTD1 and
shMOCK cells (Fig. 3D), suggesting that ARTD1 affects IL-6 expres-
sion unlikely by altering the histone occupancy around the TSS.
ARTD1 regulates IL-6 expression through the H3K4me3 lev-
els at the IL-6 promoter. The results obtained thus far indicate
that ARTD1 negatively regulates IL-6 expression independent of
H3 recruitment or its enzymatic activity. However, ARTD1 may
exert its regulatory function through the modulation of the his-
tone modifications at the TSS of the IL-6 gene. The higher occu-
pancy of H3 at the IL-6 promoter compared to the I!B" promoter
(Fig. 3B) suggests that a H3 modification may be required to in-
duce a more permissive chromatin state. H3K4me3 is a mark that
is associated with active gene expression (52). We therefore eluci-
FIG 2 ARTD1 negatively regulates IL-6 expression in a p65-dependent manner and independent of its enzymatic activity. (A) IL-6 expression upon ARTD1 and
RelA knockdown in NIH 3T3 cells stimulated with LPS or not stimulated (n # 3). (B) Expression of the luciferase reporter under the control of IL-6 promoter
(after 4 h of LPS stimulation or unstimulated) in NIH 3T3 cells (n # 3). (C) IL-6 and I!B" expression upon olaparib treatment (1 $M) in Raw cells (n # 2). (D)
IL-6 and I!B" expression upon ABT-888 treatment (1 $M) in Raw cells (n # 2). The data are presented as means % the SD and were analyzed by one-way
ANOVA, followed by Bonferroni’s post hoc test. *, P & 0.05.
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dated whether ARTD1 inhibits H3K4me3 at the IL-6 promoter,
thereby keeping the chromatin in a nonpermissive state. To study
this possibility, ChIP experiments for H3K4me3 were performed
and the IL-6 and I!B" promoters analyzed in detail. Upon ARTD1
knockdown and LPS stimulation, the relative occupancy of
H3K4me3 100 bp upstream of the TSS of the IL-6 promoter was
strongly increased, while no significant changes were observed at
the I!B" promoter (Fig. 4A). More detailed analysis revealed that
the strongest effects on relative H3K4me3 levels upon ARTD1
downregulation and LPS stimulation were observed between the
TSS and 200 bp upstream (Fig. 4B), which corresponds to the
location of the NF-!B response element. The increased H3K4me3
was observed at the 4-h time point, supporting the gene expres-
sion data and suggesting that ARTD1 represses H3K4me3 levels at
the NF-!B binding site of the IL-6 promoter, thereby repressing
IL-6 gene expression.
MLL1 is responsible for the H3K4me3 at the IL-6 promoter
and interacts with NF-!B. To identify the responsible H3K4
methyltransferase at the IL-6 TSS and to investigate a potential
antagonistic effect with ARTD1, Set7/9 and MLL1 were knocked
down by siRNA in NIH 3T3 cells in the presence or absence of
ARTD1 (Fig. 5A; see the right-hand panels for the knockdown
efficiencies). Whereas the enhanced IL-6 gene expression ob-
served in siARTD1-treated cells was unaffected by knockdown of
the methyltransferase Set7/9, it was rescued by knocking down
MLL1, suggesting that MLL1 is the methyltransferase responsible
for enhanced H3K4me3 formation at the IL-6 promoter upon
knockdown of ARTD1 (Fig. 5A). The expression of I!B" was nei-
ther significantly affected by siARTD1 nor by siMLL1 treatment.
The H3K4me3 could be also altered by a reduced activity of the
histone demethylase KDM5B (43). However, knockdown of
KDM5B did not lead to increased expression of IL-6 in either
shMOCK or shARTD1 cells (Fig. 5B). Furthermore, knockdown
of MLL1 but not of Set7/9 led to a significantly reduced H3K4me3
at the IL-6 promoter after LPS stimulation, whereas that at the
control promoter I!B" was unaffected (Fig. 5C). These analyses
FIG 3 ARTD1 helps to maintain H3 at the IL-6 promoter. (A) Effect of ARTD1 knockdown on p65 occupancy on IL-6 and I!B" promoters upon LPS
stimulation in Raw cells (n # 3). (B to D) H3 occupancy at the IL-6 and I!B" promoters in Raw cells under unstimulated conditions (shMOCK and shARTD1)
(B and C) or after 4 h of LPS treatment (D) (n # 3). The data are presented as mean $ the SD.
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provide strong evidence that the methyltransferase MLL1 and not
Set7/9, or KDM5B regulates H3K4me3 at the IL-6 promoter in
LPS-stimulated cells. The same observation was made when
MLL1 was knocked down together with ARTD1, indicating that
ARTD1 mediates its effect through MLL1 (Fig. 5D).
To test whether MLL1 forms a complex with NF-!B, complex
formation was analyzed in HEK293T cells overexpressing HA-
tagged MLL1. Since HEK293T cells lack TLR4 and therefore can-
not be stimulated by LPS, cells were stimulated with phorbol my-
ristate acetate (PMA). In HEK293T cells overexpressing MLL1,
complex formation of MLL1 with endogenous RelA was detected
in chromatin-free nuclear extracts 4 h after stimulation (Fig. 5E).
Interestingly, the interaction between RelA and MLL1 was ob-
served in a stimulus-dependent manner and at the same time
point when the enhancement of IL-6 expression by ARTD1
knockdown was the most prominent. Due to the lack of suitable
antibodies, the chromatin recruitment of MLL1 could not be an-
alyzed, although others have recently reported that MLL1 is re-
cruited to the chromatin in an NF-!B-dependent manner to reg-
ulate NF-!B-mediated gene expression (25).
ARTD1 forms a complex with MLL1 but leaves the IL-6 pro-
moter in a stimulus-dependent manner. To explain how ARTD1
interferes with MLL1-dependent IL-6 expression and H3K4me3
at the IL-6 promoter, MLL1 expression levels were analyzed.
ARTD1 knockdown did neither significantly affect MLL1 expres-
sion nor MLL1 protein levels (Fig. 6A and B), suggesting that
ARTD1 may rather be involved in the recruitment of MLL1 to the
chromatin or may influence specific protein-protein interactions.
To test, whether ARTD1 forms a complex with MLL1, MLL1
was immunoprecipitated from HEK293T cells overexpressing
MLL1 and stimulated for 4 h with PMA. An interaction of MLL1
with endogenous ARTD1 was indeed detected in a stimulus-de-
pendent manner at the same time point as for RelA (i.e., 4 h after
stimulation) (Fig. 6C). The detected signal was specific, because
ARTD1 knockdown obliterated the signal. Since the negative reg-
ulation of IL-6 expression by ARTD1 could not be explained by an
altered recruitment of RelA (Fig. 3A) and the chromatin recruit-
ment of MLL1 could not be analyzed, we investigated whether the
chromatin recruitment of ARTD1 is changed during LPS stimu-
lation. ChIP experiments with LPS-stimulated Raw cells revealed
that ARTD1 was time-dependently released from the promoters
of both IL-6 and I!B" upon LPS stimulation (Fig. 6D), suggesting
that LPS stimulation changes the occupancy of ARTD1 at differ-
ent chromatin loci.
In summary, we describe MLL1 as a new transcriptional coacti-
vator of NF-!B and an additional molecular mechanism by which
ARTD1 coregulates NF-!B-dependent transcription, namely, by
the regulation of H3K4me3 through MLL1 and independent of
ARTD1’s enzymatic activity.
DISCUSSION
ADP-ribosylation and in particular ARTD1 have been implicated
in many different and distinct cellular and biological processes
(31). One of the most important functions of ARTD1 is the co-
regulation of inflammatory gene expression by direct modulation
of transcriptional regulators or indirectly through alterations of
the chromatin state (31).
Here, we elucidated the mechanism by which ARTD1 conveys
a nonpermissive chromatin state at the IL-6 promoter, by inter-
fering with MLL1-dependent H3K4me3 upon LPS stimulation.
Interestingly, expression of the gene encoding the NF-!B inhibi-
tor I!B" and other housekeeping genes was not ARTD1 depen-
dent, which may be due to different chromatin architecture at the
FIG 4 ARTD1 knockdown is associated with increased H3K4me3 occupancy at the IL-6 promoter in LPS-stimulated cells. H3K4me3 occupancy at the IL-6 and
I!B" promoters in Raw cells after 4 h of LPS stimulation (shMOCK and shARTD1) (n # 3) is shown.
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FIG 5 MLL1 regulates IL-6 expression and H3K4me3 levels at the IL-6 promoter. (A) IL-6 and I!B" expression upon combined knockdown of ARTD1 and
either SET7 or MLL1 in NIH 3T3 cells after 4 h of LPS stimulation (n # 3). The rightmost panels show the knockdown efficiency of siRNA treatment against SET7
and MLL1 by qPCR analysis. (B, left) IL-6 expression upon combined knockdown of ARTD1 and KDM5B in NIH 3T3 cells after 4 h of LPS stimulation (n # 1).
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promoters of these two genes. The coregulatory function of
ARTD1 was not mediated by its enzymatic activity.
The results presented here define the negative regulation of
H3K4me3 at the IL-6 promoter by MLL1 as the mechanism by
which ARTD1 modulates IL-6 expression. Previously, ARTD1 ac-
tivity was shown to positively regulate transcription via the mod-
ification and inhibition of the histone demethylase KDM5B, re-
sponsible for the demethylation of H3K4me3 (43). In the present
study, knockdown of MLL1 but not of SET7 or KDM5B altered
the H3K4me3 of the IL-6 promoter. It is tempting to speculate
that ARTD1, depending on the cellular context, its stimulation,
and the availability of its substrate NAD!, can either repress
H3K4me3, through ADP-ribosylation-independent binding to
MLL1, or enhance H3K4me3 and therefore gene expression
through ADP-ribosylation of KDM5B.
We observed that ARTD1 chromatin association is reduced
(Right) Knockdown efficiency of siRNA treatment against KDM5B by qPCR analysis. (C) H3K4me3 occupancy at the IL-6 and I"B# promoters upon knockdown
of ARTD1 and either SET7 or MLL1 in NIH 3T3 cells after 4 h of LPS stimulation (n $ 3). The data are presented as means % the SD and were analyzed by
one-way ANOVA, followed by Bonferroni’s post hoc test. *, P & 0.05. (D) H3K4me3 occupancy at the IL-6 and I"B# promoters upon combined knockdown of
ARTD1 and either SET7 or MLL1 in NIH 3T3 cells after 4 h of LPS stimulation (n $ 3). (E) MLL1 and p65 coimmunoprecipitation in HEK293T cells
overexpressing MLL1 (lanes 1 and 4, unstimulated; lane 2, 1 h of PMA; lane 3, 4 h of PMA).
FIG 6 MLL1 interacts with ARTD1 and p65 after LPS stimulation. (A and B) MLL1 gene (A) and protein (B) expression in shMOCK and shARTD1-treated Raw
cells (n $ 5 each). (C) MLL1 and ARTD1 coimmunoprecipitation in HEK293T cells overexpressing MLL1 and pretreated with siMOCK or siARTD1 (4 h PMA).
(D) ChIP analysis of ARTD1 occupancy on IL-6 and I"B# promoters in Raw cells (n $ 4).
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upon LPS treatment after 4 h. Based on our recent studies (49), it
is likely that the activation of the inflammasome at this time point
is responsible for the proteolytic cleavage of ARTD1 at D214 and
its subsequent release from chromatin. Since LPS itself is not ex-
pected to activate the inflammasome but to induce the expression
of its components, it remains to be elucidated by which mecha-
nism the inflammasome is activated.
According to our study, ARTD1 is bound to the IL-6 promoter
even before stimulation of the cells, likely regulating the compac-
tion and basal expression levels of IL-6. Similar to this result, bio-
chemical studies with reconstituted chromatin have shown that in
the absence of NAD!, ARTD1 promotes chromatin compaction
independently of its enzymatic activity (53).
Our findings suggest a model in which ARTD1 represses IL-6
expression by interfering with the MLL1-induced H3K4me3 at the
IL-6 promoter. Upon stimulation of cells, ARTD1 leaves the IL-6
promoter in a time-dependent manner. Interestingly, ARTD1
forms a complex with MLL1 only at the later time point (4 h,
second NF-"B wave), when complex formation of MLL1 with
NF-"B is also observed, suggesting that upon eviction of ARTD1,
ARTD1 might compete with NF-"B for binding to MLL1, thus
allowing only a certain amount of MLL1 to bind to NF-"B and
thus damping the MLL1-induced H3K4me3 levels at this later
time point. In contrast, in cells lacking ARTD1 or expressing re-
duced levels of ARTD1, all MLL1 binds to NF-"B and remains
associated with the chromatin, resulting in increased H3K4me3 at
the IL-6 promoter and consequently, increased IL-6 gene expres-
sion.
Since we were not able to investigate and quantify the recruit-
ment of MLL1 to the IL-6 promoter, and the coimmunoprecipi-
tation of MLL1 with NF-"B and/or ARTD1 does not allow us to
distinguish whether all three proteins are found in the same com-
plex or in distinct complexes containing MLL1 only associated
with NF-"B or ARTD1, additional investigations are required to
fully dissect the mechanism by which ARTD1 regulates MLL-1-
driven NF-"B-dependent gene expression of IL-6, including also
in developmental processes, homeobox gene expression or the
development of acute leukemia. In this context, it will be of par-
ticular interest to investigate the regulation of IL-6 expression by
ARTD1 in cells harboring MLL1 mutations.
In summary, our experiments have identified the dampening
effect of ARTD1 on MLL1-dependent H3K4me3 as a new mech-
anism regulating the expression of the inflammatory cytokine
IL-6. Taken together, these data strongly indicate that ARTD1
orchestrates chromatin accessibility and the posttranslational
modification of histones indirectly through the interaction with
the H3K4 methyltransferase MLL1 and thereby modulates the ex-
pression of IL-6. This apparently occurs in an ADP-ribosylation-
independent manner. These results not only have important im-
plications for our understanding and future analysis of MLL1
functions and IL-6 regulation but also highlight a potential cross
talk between IL-6- and MLL1-induced pathologies.
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Supplemental material 
Supplemental Table 1: Primers for qPCR analysis 
Primer Name Sequence 
mIL6 for CTGCAAGAGACTTCCATCCAGTT 
mIL6 for GAAGTAGGGAAGGCCGTGG 
hIL6 for GGCACTGGCAGAAAACAACC 
hIL6 rev GCAAGTCTCCTCATTGAATCC 
mRSP12 for GAAGCTGCCAAAGCCTTAGA 
mRSP12 rev AACTGCAACCAACCACCTTC 
hRPL28 for GCAATTCCTTCCGCTACAAC 
hRPL28 rev TGTTCTTGCGGATCATGTGT 
mIκBα for AAATCTCCAGATGCTACCCGAGAG 
mIκBα rev ATAATGTCAGACGCTGGCCTCCAA 
hIκBα for GCACCTCCACTCCATCCTGAAGG 
hIκBα rev CCATTACAGGGCTCCTGAGCATTG 
mIL6 -400 for  AGCCTCTTATTCATGTGTGTGTG  
mIL6 -400 rev CAGCACTTGAGCATGTCTTGA 
mIL6 -300 for  TCCCATCAAGACATGCTCAA  
mIL6 -300 rev GGGGCTGATTGGAAACCTTA 
mIL6 -200 for  AAGCACACTTTCCCCTTCCT 
mIL6 -200 rev TCATGGGAAAATCCCACATT  
mIL6 -100 for  CAATCAGCCCCACCCACTCTGG 
mIL6 -100 rev TTCTTGGTGGGCTCCAGAGCAGAA 
mIL6 TSS for  AATGTGGGATTTTCCCATGA 
mIL6 TSS rev GCTCTCTGCCTCACACTCCT 
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mIL6 +100 for  CTGGCGGAGCTATTGAGACT 
mIL6 +100 rev TGGTTGTCACCAGCATCAGT 
mIL6 +200 for  TTTTCTCCACGCAGGAGACT 
mIL6 +200 rev TCCACGATTTCCCAGAGAAC 
mIκBα -100 for AAAGTTCCCTGTGCATGACC 
mIκBα -100 rev CTGGCAGGGGATTTCTCAG 
mMLL1 for ACCCCGGAAGTGCTCGGTCA 
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1. Summary
ADP-ribosyltransferase diphtheria toxin-like 1 (ARTD1, formerly PARP1) is
localized in the nucleus, where it ADP-ribosylates specific target proteins.
The post-translational modification (PTM) with a single ADP-ribose unit or
with polymeric ADP-ribose (PAR) chains regulates protein function as well
as protein–protein interactions and is implicated in many biological proces-
ses and diseases. SET7/9 (Setd7, KMT7) is a protein methyltransferase that
catalyses lysine monomethylation of histones, but also methylates many non-
histone target proteins such as p53 or DNMT1. Here, we identify ARTD1 as
a new SET7/9 target protein that is methylated at K508 in vitro and in vivo.
ARTD1 auto-modification inhibits its methylation by SET7/9, while auto-
poly-ADP-ribosylation is not impaired by prior methylation of ARTD1.
Moreover, ARTD1 methylation by SET7/9 enhances the synthesis of PAR upon
oxidative stress in vivo. Furthermore, laser irradiation-induced PAR formation
and ARTD1 recruitment to sites of DNA damage in a SET7/9-dependent
manner. Together, these results reveal a novel mechanism for the regulation
of cellular ARTD1 activity by SET7/9 to assure efficient PAR formation upon
cellular stress.
2. Background
ADP-ribosyltransferase diphtheria toxin-like 1 (ARTD1, formerly named
PARP1, [1]) is a nuclear protein that post-translationally modifies proteins by
transferring the ADP-ribose moiety from NADþ to specific amino acid residues
of target proteins. It is the best described member of the ADP-ribosyltransferase
(ART) protein family, which currently comprises 22 human enzymes [1].
ARTD1 is not only the main nuclear ART, but also the primary acceptor for
polymeric ADP-ribose (PAR). ARTD1 can be ADP-ribosylated at specific
lysine residues and is also modified by acetylation and sumoylation bet-
ween the amino acid residues 481 and 525 [2–4]. Protein modification with a
single ADP-ribose unit or with PAR chains regulates protein function and is
implicated in biological processes such as transcriptional control, cell differen-
tiation or cell-cycle regulation [5,6]. Many cellular functions of ARTD1 are
& 2013 The Authors. Published by the Royal Society under the terms of the Creative Commons Attribution
License http://creativecommons.org/licenses/by/3.0/, which permits unrestricted use, provided the original
author and source are credited.
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brought about by complex formation with partner proteins
or the ADP-ribosylation of target proteins in the cell nucleus
[5,7]. For example, histones or transcription factors are poly-
ADP-ribosylated (PARylated) by ARTD1, which causes
concomitant changes in chromatin structure and DNA
metabolism [8,9].
Genotoxic and cellular stresses activate ARTD1 enzyme
activity [10]. However, the detailed upstream mechanisms
leading to the activation of ARTD1 and the involvement
of PTMs-modulating ARTD1 activity are little understood.
In vitro, the DNA-dependent interaction between the
amino-terminal DNA-binding domain and the catalytic
domain of ARTD1 increased Vmax and decreased the Km
for NADþ [4]. The amount of DNA in this study was kept
at a saturating 1 : 1 ratio (DNA : ARTD1 dimer). It is currently
not clear whether ARTD1 activity and the subsequent PAR
formation under non-saturating DNA levels depend on
additional regulatory mechanisms.
SET7/9 (also called Setd7 or KMT7) was discovered as a
histone methyltransferase that causes monomethylation of
histone 3 lysine 4 (H3K4me1) [11] and is thereby involved
in the regulation of euchromatic gene expression [12–14].
However, SET7/9 has only weak activity on nucleosomes
[15], which implies that the main targets of the enzyme are
non-histone proteins. In agreement with this hypothesis,
numerous non-histone proteins such as Dnmt1 (reduction
in stability), p53 (activation and stabilization), TAF10
(increased affinity for polymerase II), oestrogen receptor a
(activation and stabilization), pRb, p65, MyoD and Tat
protein of HIV1 are methylated by SET7/9 [16–24]. In
addition, a recent study identified up to 90 new non-histone
SET7/9 target peptides and a strong methylation of free H2A
and H2B tails [25]. This promiscuous targeting of different
substrates by SET7/9 suggests a low specificity of the
enzyme. SET7/9 knockout mice are viable and fertile and
loss of SET7/9 does not seem to impair p53-dependent cell-
cycle arrest or apoptosis following DNA damage [26,27],
although SET7/9 was originally thought to regulate p53
activity in human cells [16]. SET7/9 preferentially modifies
positively charged amino acid regions and methylates the
last lysine residue in the motif [K.R] [S.KYARTPN] [K]
[25]. Peptides that do not perfectly match this sequence can
be methylated to a lesser extent. In cells, a strong interaction
of acceptor proteins with the SET7/9 methyltransferase
might stimulate the transfer of a methyl group to weak
target sites. Hence, a weaker methylation does not have to
imply a lower biological importance [25].
SET7/9-mediatedmonomethylation of non-histone proteins
is a reversible PTM that can be removed by demethyl-
ases such as the lysine-specific demethylase 1 (LSD1) [28,29]
and likely also by the close homologue LSD2. Both proteins
are flavin-dependent demethylases that are specific for
mono- and dimethylated lysines and which are part of
histone modification complexes that control cell-specific gene
expression [30,31].
The study presented here identifies ARTD1 as a new
SET7/9 target protein that is methylated at K508, which
enhances PAR synthesis upon oxidative stress. Similarly,
SET7/9 also affected PAR synthesis and ARTD1 recruitment
to sites of DNA damage in vivo upon laser irradiation. These
results define methylation of ARTD1 by SET7/9 as an
additional regulatory element for cellular ADP-ribosylation
and ARTD1 enzymatic activity.
3. Results and discussion
3.1. ARTD1 is methylated in vitro and in vivo at K508
by SET7/9
Based on methylation profile searches and preliminary
experiments, it was hypothesized that SET7/9 directly methyl-
ates ARTD1. To determine whether SET7/9 indeed modifies
ARTD1, biochemical in vitro methylation assays with purified
proteins were performed. SET7/9 methylated the known
substrate histoneH3 aswell as full-lengthARTD1,while neither
GST nor ARTD2, another member of the ARTD family,
was modified (figure 1a). To localize the modification site, pur-
ifiedARTD1 fragments covering thewholeaminoacid sequence
were methylated by SET7/9 in vitro (figure 1b). The potential
SET7/9 modification site(s) in ARTD1 could be narrowed
down to the auto-modification domain (AD) consisting of
amino acids 373–524, which was strongly methylated in vitro,
while all other tested ARTD1 fragments (containing the DNA-
binding (DBD), WGR or catalytic (CAT) domains) were not
methylated (figure 1b). In silico analysis identified lysine 508
(K508) as the putative target site as itwas the only lysine residue
within this region matching the published [KR] [STA] [K(me)]
consensus motif for SET7/9-dependent methylation [18].
Mutation of K508 to arginine (K508R) indeed abolished SET7/9-
dependent methylation of full-length ARTD1 (figure 1c).
ARTD1 K508 was confirmed as the target residue of SET7/9 by
mass spectrometric analysis of recombinant ARTD1 (373–524)
in vitro methylated by SET7/9 (see electronic supplementary
material, figure S1a,b). To confirm methylation of ARTD1 K508
in cells, a polyclonal antibody against a synthetic human
ARTD1 peptide containing monomethylated K508 was genera-
ted. The anti-meARTD1 antibody specifically recognized the
monomethylated peptide (see electronic supplementary mate-
rial, figure S1c) and full-length ARTD1 that was methylated
by SET7/9 in vitro (see electronic supplementary material,
figure S1d), while the methylation-deficient K508R mutant was
not detected (figure 1d). In vivo, the same antibody specifically
detected the methylation of ARTD1 in cells overexpressing
SET7/9 (figure 1e,f ). The antibody did not detect methylation
of overexpressed mouse ARTD1 in mouse cells, which was
most probably owing to sequence differences between human
and mouse ARTD1 at the methylation site.
These results defined ARTD1 as a new target for SET7/9-
dependent methylation in vitro and in vivo and identi-
fied K508 as the main target site for SET7/9-dependent
methylation of ARTD1.
3.2. ARTD1 auto-modification inhibits its methylation
by SET7/9
Interestingly, the SET7/9 target residue K508 lies within a heav-
ily modified region (aa 486–524) of the ARTD1 AD domain that
comprises five acetylation and three ADP-ribosylation sites as
well as one lysine residue that can be sumoylated (see electronic
supplementary material, figure S2). Modification of ARTD1
with SUMO did not affect its ADP-ribosylation activity, but
completely abrogated p300-mediated acetylation of ARTD1,
revealing an intriguing crosstalk of sumoylation and acetylation
on ARTD1 [2]. Crosstalk between different PTMs of the same
modified amino acid residue has been documented in particular
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thus testedwhether there is crosstalkbetweenPARylation, acety-
lation and SET7/9-dependent methylation of ARTD1 in vitro.
Prior stimulation of recombinant ARTD1with DNA in the pres-
ence of NADþ and subsequent auto-modification completely
inhibited methylation by SET7/9 (figure 2a). Inhibition of
ADP-ribosylation by 3-aminobenzamide from the beginning
(3-AB; þ) reverted this effect on ARTD1 methylation, while
3-AB addition after auto-modification, but before addition of
SET7/9 (3-AB;+), still resulted in markedly decreased methyl-
ation (figure 2a). Consequently, these experiments suggested
that auto-ADP-ribosylation of ARTD1, but not a possible ADP-
ribosylation of SET7/9 by ARTD1, prevented subsequent
methylation. The sharp band of methylated ARTD1 running at
the height of unmodified ARTD1 strengthened the conclusion
that SET7/9 only methylated ARTD1 that was not or only
slightly ADP-ribosylated.
By contrast, auto-PARylation of ARTD1 was not impaired
by prior methylation of ARTD1 as indicated by the smear of
methylated ARTD1 upon incubation with cold NADþ and
DNA (figure 2b). Similarly, methylation of the 373–524
ARTD1 fragment by SET7/9 did not affect subsequent acety-
lation by p300 (figure 2c(i)). The experiment was controlled
with the enzymatically inactive H297A SET7/9 mutant and
methylation of ARTD1 was confirmed in a parallel experiment
using 14C-SAM (figure 2c(ii)).
These results suggested that SET7/9-dependent methyl-
ation of ARTD1 is influenced by ARTD1 auto-modification,
while neither PARylation itself nor acetylation by p300 is
impaired by the methyl-modification of K508.
3.3. SET7/9-dependent methylation stimulates
ARTD1 activity
In order to test the hypothesis that SET7/9 regulates the
enzymatic activity of ARTD1 in vivo, we first confirmed
(a) (b)
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Figure 1. ARTD1 is methylated at K508 by SET7/9 in vitro and in vivo. (a) GST, ARTD1, ARTD2 and H3 were incubated with SET7/9 and 14C-labelled SAM in an in
vitro methylation assay, separated by SDS-PAGE and analysed by autoradiography (14C). Coomassie blue (CB) stained gels are shown below. (b) Full-length
ARTD1 and fragments covering the whole protein were incubated in an in vitro methylation assay and analysed by autoradiography. (c) Decreasing amounts
of WT ARTD1 and K508R ARTD1 were methylated by SET7/9 and analysed by autoradiography. (d ) An antibody directed against a peptide carrying the methylated
lysine residue of ARTD1 was generated and tested in a western blot with in vitro methylated ARTD1 WT and K508R. (e) U2OS cells were transfected with scrambled
siRNA (scr) or siRNA directed against ARTD1. One day later, cells were transfected with an empty vector or with a plasmid containing WT SET7/9. Whole cell extracts
were analysed by western blot on day 3 after knockdown using the same antibody as in (d ). ( f ) U2OS cells were co-transfected with HA-ARTD1 (WT or K508R) and
EGFP or Flag-HA-SET7/9 (WT or H297A). After immunoprecipitation with an anti-HA antibody, whole cell extracts and IP samples were analysed by western blotting
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that both enzymes are localized in the nucleus of U2OS cells.
While ARTD1 was only present in the nucleus and enriched
in the nucleoli, SET7/9 was localized throughout the cell
except in the nucleoli (see electronic supplementary material,
figure S3a). Next, Flag-tagged wild-type (WT) SET7/9
was overexpressed and PAR formation following oxidative
stress byH2O2was determined (see figure 3a and electronic sup-
plementary material, figure S3b). PAR formation was indeed
increased upon overexpression of WT SET7/9 (lanes 2 and 5),
even in unstimulated cells (lane 2), while the enzymatically inac-
tive SET7/9 mutant H297A did not cause this effect (lanes 3
and 6). To prove that SET7/9 stimulated PAR formation, we
analysed mouse fibroblasts lacking SET7/9. Upon H2O2 stimu-
lation, SET7/9-knockout MEFs showed significantly reduced
PAR staining and lower PAR-synthesizing activity as compared
with the WT control cells (see figure 3b,c and electronic sup-
plementary material, figure S3c), suggesting that SET7/9
regulates PAR formation in vivo. This was also confirmed by
SET7/9knockdown inU2OS cells (see electronic supplementary
material, figure S4a,b). Following oxidative stress by H2O2,
siSET7/9-treated cells formed less PAR than cells transfected
with a control siRNA (see figure 3d and electronic supplemen-
tary material, figure S4c). To further analyse the influence of
SET7/9 on ARTD1 enzymatic activity in cells, nuclear extracts
(NEs) from siRNA-treated U2OS cells (control siRNA or
siRNA directed against SET7/9 or ARTD1) were prepared and
auto-ADP-ribosylation of ARTD1 was tested in vitro in the
presence or absence of exogenous DNA. Downregulation of
SET7/9 reduced the basal ARTD1 activity to levels only
slightly above those in siARTD1 cells (in the absence of
exogenous DNA, figure 3e; electronic supplementary material,
figure S4d). This effect was also seen, but to a lesser extent,
when ARTD1 activity was stimulated by an excess of exogen-
ous DNA, suggesting that SET7/9 methylation regulates
ARTD1, especially in the absence of a strong stimulus.
These results suggested that SET7/9-dependentmethylation
stimulates ARTD1-dependent PAR formation in U2OS cells.
3.4. SET7/9-dependent methylation of ARTD1 at
K508 regulates ADP-ribosylation in vivo
To elucidate whether SET7/9-dependent methylation of
ARTD1 at K508 is directly responsible for the observed influence
of SET7/9 on ARTD1-dependent PAR formation in vivo,
ARTD12/2 MLFs were stably genetically complemented with
WTARTD1 or with two methylation-deficient mutants (K508A
and K508R). The WT and the mutant proteins were comparably
expressed in the NEs, but not detectable in the cytoplasmic
extracts (CEs) or the vector control (pRRL) (figure 4a). NEs con-
tainingWTormutantARTD1were incubatedwith radioactively
labelledNADþ, butwithout exogenousDNA, andARTD1 auto-
ADP-ribosylation was assessed. The methylation-deficient
ARTD1mutants K508A andK508R exhibitedmarkedly reduced
activity in comparison with the WT control (see figure 4b and
electronic supplementary material, figure S5a). Upon addition
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DNA – + + +
acetylation  
(14C-AcCoA) 
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Figure 2. ARTD1 methylation by SET7/9 does not influence its PARylation or acetylation but is inhibited by ARTD1 auto-modification. (a) Recombinant ARTD1 was
methylated by SET7/9 after ADP-ribosylation in the presence or absence of DNA and 3-AB.+: 3-AB was added after the ADP-ribosylation reaction. (b) ARTD1 was
first incubated with SET7/9 in the presence or absence of 14C-SAM and afterwards incubated with activating DNA and cold NADþ to allow auto-modification.
(c) ARTD1 (373–524) was first incubated with WT SET7/9 or an enzymatic dead mutant (H297A) in the presence of cold SAM and afterwards acetylated with p300 and







 on October 6, 2015http://rsob.royalsocietypublishing.org/Downloaded from 
 101 
 
of excess DNA, the methylation-deficient ARTD1 proteins
K508A and K508R still exhibited reduced enzymatic activity,
but the effect was less pronounced as compared with conditions
without exogenous DNA (see figure 4b and electronic sup-
plementary material, figure S5b), again pointing at a SET7/9
methylation effect on ARTD1 activation.
This indicated that the methylation-deficient ARTD1
mutants (K508A and K508R) are enzymatically less active
and provided further evidence that SET7/9-dependent
methylation of ARTD1 at K508 affects its activity.
3.5. Mutation of K508 affects ARTD1 recruitment
to damaged chromatin
The results described above suggested that SET7/9-dependent
methylation of ARTD1 at K508 regulates its enzymatic activity
at basal conditions of low levels of DNA damage and in
response to oxidative stress (figures 1c and 4b). We hypoth-
esized that SET7/9-dependent methylation may influence
ARTD1 activity by affecting its interaction with chromatin,
but SET7/9 downregulation had no effect on the extraction
of ARTD1 under different salt concentrations (see electronic
supplementary material, figure S5c), suggesting that the affi-
nity of ARTD1 to undamaged chromatin was not changed.
However, methylation by SET7/9 may prime ARTD1 for effi-
cient recruitment to sites of DNA damage. In order to study
whether ARTD1 methylation affects its recruitment to sites of
DNA damage in vivo, cells expressing EGFP-tagged WT and
methylation-deficient ARTD1 were analysed by localized fem-
tosecond laser irradiation [35]. Thismethod allows studying the
kinetics of the recruitment of proteins to sites of DNA damage.
The nature of the lesion can be influenced via the irradiation
wavelength: at 775 nm, bothDNA strand breaks andUVphoto-
products are generated, while at 1050 nm mainly DNA strand
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Figure 3. SET7/9-dependent methylation increases ARTD1 activity in cells. (a) After overexpression of Flag-SET7/9 WT or H297A, U2OS cells were treated with or
without 1 mM H2O2 for 5 min and PAR formation was analysed by western blot. (b) H2O2-induced PAR formation was analysed by immunofluorescence in SET7/9 KO
and WT MEFs. The intensity of the anti-PAR-stained cells was quantified. (c) H2O2-induced PAR formation in SET7/9 KO and WT MEFs was analysed as in (a).
(d ) U2OS cells were transfected with scrambled siRNA (scr) or siRNA targeting SET7/9. Three days after knockdown, H2O2-induced PAR formation was analysed
as in (a). Short and long exposures (se and le, respectively) of the anti-PAR blot are shown. (e) ARTD1 activity was analysed in NEs from U2OS cells after knockdown
of SET7/9 and ARTD1 for 3 days by radioactive ADP-ribosylation assays. All experiments were repeated at least twice, gave a similar result, and one representative
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1050 nm caused similar recruitment of WT and K508R ARTD1
(figure 4c) and the release of WT and K508R ARTD1 from
the irradiated sites was comparable (data not shown), suggest-
ing that methylation did not affect recruitment to sites of
DNA damage. However, laser microirradiation of live cells
[36] caused significantly lower recruitment of GFP-labelled
macroH2A1.1 in siSET7/9 cells as compared with WT
(figure 4d), which is indicative of reduced PAR synthesis or
different ADP-ribose structures. In contrast to irradiation with
1050 nm, femtosecond pulses at l ¼ 775 nm caused lower
recruitment of the K508R ARTD1 mutant (figure 4e). It is thus
possible that SET7/9 differentially affects ARTD1 stimulation
depending on the stress level and type of induced DNA
damage. In summary, these findings show that SET7/9-depen-
dent methylation stimulates ARTD1 enzymatic activity in
response to both oxidative and DNA stress.
4. Conclusion
The results presented here suggest that SET7/9 methylates
ARTD1 in vivo and in vitro at lysine K508. The residue K508
was identified as the target site for SET7/9-dependent
methylation by site-directed mutagenesis and mass spec-
trometry, as well as with a specific polyclonal antibody
raised against this methylated site. Methylation of ARTD1
by SET7/9 did not prevent its consecutive ADP-ribosylation,
but affected ARTD1 recruitment to sites of local DNA
damage in vivo. Prior auto-ADP-ribosylation of ARTD1
impaired its methylation by SET7/9. Knockdown of SET7/9
or the expression of methylation-deficient ARTD1 in cells
lacking WT ARTD1 caused reduced PAR formation in vitro
and in vivo. Moreover, overexpression of SET7/9, but not of
its enzymatically inactive mutant enhanced PAR formation
in untreated (basal) and H2O2-treated cells. These findings
identify ARTD1 as a new SET7/9 methylation target and
reveal a previously unknown mechanism for the regulation
of ARTD1 activity in cells.
The stimulatory effect of ARTD1 methylation on PAR for-
mation was most apparent if no exogenous DNA was added
to the reactions that were performed with NEs of SET7/9
knockdown cells or of cells genetically complemented with
a methylation-deficient ARTD1 mutant (the NEs may contain
low amounts of endogenous DNA). The effect was much
weaker under conditions of saturating DNA concentrations
(DNA : ARTD1 dimer ratio greater than 1). Methylation by
SET7/9 may thus represent a priming step that precedes
and facilitates the activation of ARTD1 by DNA or comprises
a DNA damage independent ARTD1 co-regulatory mechan-
ism. We have already provided evidence that DNA double
strand breaks are recognized and bound by the DBD of
ARTD1, which subsequently leads to binding to the CAT
domain, induces structural changes within the catalytic
cleft, increases the affinity for NADþ and stabilizes reaction
intermediates [4]. The identified SET7/9-dependent methyl-
ation site at K508 of ARTD1 lies within the central AD [4].
It is at the first glance surprising that ARTD1 is methylated
in the AD and not in one of the zinc fingers of the DNA-bind-
ing domain or in the catalytic domain of ARTD1, but
nevertheless affected in its enzymatic activity. However, the
AD harbours the ADP-ribose acceptor sites indicating that
this domain has to enter the catalytic cleft of ARTD1 to be
(c) (d) (e)
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Figure 4. Methylation-deficient ARTD1 is less active and less efficiently recruited to sites of local DNA damage induced by femtosecond laser irradiation. (a) ARTD1
knockout MLFs were stably complemented with WT ARTD1 or two methylation-deficient mutants. Cells were then fractionated and CEs and NEs were analysed by
western blot. (b) ARTD1 activity in NE from (a) was analysed by radioactive PAR assays in the absence or presence of 5 pmol-activating DNA. Experiments in A and B
were repeated twice with a similar outcome and one representative blot is shown. Quantifications are shown in the electronic supplementary material, figure S5a,b.
(c) Recruitment of WT and K508R ARTD1 to sites of local DNA damage induced by femtosecond laser irradiation at l ¼ 1050 nm. (d ) Recruitment of macroH2A1.1-
EGFP to sites of local DNA damage induced by femtosecond laser irradiation at l ¼ 1050 nm. (e) Recruitment of WT and K508R ARTD1 to sites of DNA damage by
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subsequently modified. SET7/9-dependent methylation may
sensitize ARTD1 for auto-modification by stabilizing the AD
in the catalytic domain of ARTD1 under non-genotoxic con-
ditions or in the presence of minimal DNA damage (fewer
DNA lesions compared with ARTD1 molecules). Alterna-
tively, methylation might induce structural changes, which
affect the binding of the DBD to the CAT, and thus sensitize
the enzyme for a special type of DNA damage (see below).
Likewise, methylated ARTD1 could exhibit higher affinity
for its substrate NADþ, and therefore show increased cataly-
tic activity. Based on this hypothesis, methylation of ARTD1
at K508 by SET7/9 serves as a sensitization step that assures
basal ARTD1 stimulation to assure PAR formation upon oxi-
dative stress. The fact that we observed a similar effect of
SET7/9 on the irradiation-induced PAR formation does not
necessarily imply a similar regulatory mechanism. However,
in order to compare such regulatory mechanisms and
to study ARTD1 stimulation by SET7/9 mechanistically,
structural analyses would be required.
The AD represents a PTM hotspot that is also modified by
ADP-ribosylation, acetylation and sumoylation [2–4]. Inter-
estingly, prior auto-modification of recombinant ARTD1
inhibited subsequent methylation by SET7/9 most probably
through steric hindrance (figure 2a), which is in agreement
with earlier studies providing evidence that the adjacent
lysines 498, 521 and 524 are the acceptor sides for ADP-
ribose [4]. Similarly, a synthetic ARTD1 peptide acetylated
at K508 could not be methylated by SET7/9 (see electronic
supplementary material, figure S5d ). However, the SET7/9-
mediated methylation of ARTD1 did not inhibit its auto-
ADP-ribosylation, indicating that the methylation would not
interfere with the positioning of this domain into the catalytic
domain. The functional relevance of this crosstalk needs to
be further defined. It is intriguing to speculate that ARTD1
auto-modification would hamper K508 methylation to avoid
an additional enhancement of its activity through this modi-
fication. Moreover, this could explain the inefficiency of
SET7/9-dependent methylation to further activate already
stimulated ARTD1 and hints again at a sensitization function
of SET7/9 for ARTD1 under non-stimulatory conditions.
The presence of SET7/9 had no influence on the overall
affinity of ARTD1 for (undamaged) chromatin in vivo. By
contrast, different recruitment of WT and K508R ARTD1 to
sites of local damage in the nucleus was observed. Interest-
ingly, WT and K508R ARTD1 showed similar recruitment
to DNA lesions induced with a wavelength of 1050 nm,
while a clear reduction was observed for the mutant after
treatment with laser pulses at 775 nm (figure 4c,e). This
effect was likely owing to the UV photoproducts generated
at 775 nm or to other differences in the types of lesion
induced by 775 nm versus 1050 nm irradiation. The latter
wavelength mainly induces DNA strand breaks but achieves
a lower overall level of damage than 775 nm at the irradiation
conditions used here [35]. Alternatively, a higher affinity for a
certain type of lesion or chromatin alteration (qualitative
difference) of the methylated ARTD1 protein, as compared
with the unmethylated or the non-methylatable mutant,
could also contribute to this behaviour.
The methylation of ARTD1 in vivo is very difficult to
detect. This indicates either low endogenous levels of
ARTD1 K508 methylation or further di- and trimethylation
at this residue by other methyl transferases. Here, SET7/9
strongly affected ARTD1 activity in the presence of low
amounts of DNA and upon stimulation by H2O2, although
we do not know whether this was due to oxidative damage
of the DNA. ARTD1 and its enzymatic activity are also impor-
tant for chromatin compaction [7,37]. An increased ARTD1
activity might lead to a more open chromatin, allowing
subsequent histone modifications (epigenetic events) chang-
ing the chromatin status and structure. Furthermore, our
studies provide evidence for the involvement of SET7/9 in
the oxidative stress response of the cell. Whether SET7/9 is
similarly required for the response to other signals (e.g.
N-methyl-N0-nitro-N-nitrosoguanidine or phorbol 12-myristate
13-acetate) remains to be investigated. The fact that SET7/9 is
not required for cell-cycle arrest or p53 stabilization in mice
suggests that the methylation-dependent stimulation of PAR
formation is not required for these aspects but serves for
other, yet to be identified, signalling pathways. Most impor-
tantly, the results presented here may indicate DNA-damage
independent induction of ARTD1 activity in vivo and suggest
that ARTD1 methylation stimulates ADP-ribosylation in
response to other cellular stresses that do not necessarily
involve DNA damage [5].
5. Material and methods
5.1. Plasmids and protein expression
pGEX-SET7/9 (52–366) and pcDNA3-SET7/9 (full-length/WT
and H297A) were kindly provided by D. Reinberg (Howard
Hughes Medical Institute, NYU School of Medicine,
New York, NY, USA). pcDNA4-Flag-HA-SET7/9 was created
by subcloning SET7/9 into pcDNA4. pCMV-HA-PARP1 and
pRRL-vectors as described previously [2]. All point mutations
were inserted by site-directedmutagenesis. The construct encod-
ing macroH2A-EGFP was kindly provided by A. Ladurner
(Department of Physiological Chemistry, Ludwig-Maximilians
Universität (LMU) Munich, Munich, Germany).
The baculovirus expression vector BacPak8 (Clontech,
MountainView,CA,USA)wasused for the expressionof recom-
binant proteins in Sf21 insect cells, as described previously [38].
Recombinant GST-tagged proteinswere expressed in Escherichia
coli. All recombinant proteins were purified by a one-step
affinity chromatography using ProBond resin (Invitrogen, Zug,
Switzerland) for His-tagged and glutathione sepharose (GE
Healthcare, Zurich, Switzerland) for GST-tagged proteins,
according to the manufacturer’s recommendations.
5.2. Antibodies and siRNAs
The following antibodies were used for immunoblotting:
rabbit PARP-1 (H-250, Santa Cruz, Heidelberg, Germany);
rabbit poly(ADP-ribose) (LP96–10, BD Biosciences, Allschwil,
Switzerland); rabbit SET7/9 (no. 2815, Cell Signalling); mouse
Flag (M2, Sigma-Aldrich, Buchs, Switzerland); mouse tubulin
(T6199, Sigma); rabbit PARP (mono methyl K508) (ab92986)
was generated in collaboration with Abcam (Cambridge, UK)
using a synthetic ARTD1 peptide containing the methylated
lysine residue (LSKKSK(me1)GQVKE).
The following FlexiTube siRNAs (QIAGEN, Hombrechti-
kon, Switzerland) were used in RNAi experiments: AllStars
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5.3. Tissue culture and transfections
U2OS cells were cultured in Dulbecco’s modified eagle
medium (PAA Laboratories, Pasching, Austria) supplemented
with 10% FCS and penicillin/streptomycin. MLFs were cul-
tured in the same medium supplemented in addition with
non-essential amino acids (Gibco/Invitrogen). The SET7/9
knockoutMEFs were obtained fromColby Zaph andwere pre-
viously described [26]. Transfections with the indicated
plasmids were performed with TransIT-LT1 (Mirus Bio, Madi-
son, WI, USA) according to the manufacturer’s instructions
and cells were harvested after 48 h. Knockdown was achieved
by reverse transfection of 16 nM siRNA using RNAiMAX
(Invitrogen) according to the manufacturer’s protocol. Cells
were harvested after 3 days. Cells were treated with 1 mM
H2O2 in PBS containing 1 mM MgCl2 for 10 min and with
0.5 mM Adr in normal medium.
Complementation of ARTD1 knockout MLFs was
achieved by retroviral transduction with pRRL-myc-PARP1
vectors containing a blasticidine resistance marker or the
corresponding empty vector. Generation of viruses and
transduction of cells were done as described earlier [39].
5.4. In vitro methylation assays
A 1 mg substrate protein was incubated with 1 mg bacterially
purified GST-SET7/9 in the presence of 0.03 mCi [14C]-SAM
(PerkinElmer) or 0.8 mM cold SAM (Sigma-Aldrich) in
methylation buffer (50 mM Tris–HCl pH8.0, 50 mM NaCl,
10% glycerol, 1 mM PMSF and 1 mM DTT) or PAR buffer
(see section below) for 1 h at 308C. Reactions were stopped
by boiling in 10! SDS-loading buffer and separated by
SDS-PAGE. Gels were stained with Coomassie blue, incuba-
ted in 1 M sodium salicylate for 20 min, dried and exposed
on X-ray films at 2808C. For mass spectrometric analysis,
ARTD1 fragment 373–524 was methylated as described
above, separated by SDS-PAGE, excised from the gel and
digested with Glu-C. Peptides were analysed by MALDI-MS.
5.5. Sequential in vitro modification assays
Sequential ADP-ribosylation and methylation assays were
performed in PAR buffer (50 mM Tris–HCl, 4 mM MgCl2,
250 mM DTT, 1 mg ml21 pepstatin, 1 mg ml21 bestatin and
1 mg ml21 leupeptin). A 10 pmol recombinant ARTD1 was
methylated with 1 mg recombinant GST-SET7/9 as described
above. The ADP-ribosylation was then started by addition
of 5 pmol-activating DNA and 400 mM cold NADþ (Sigma,
after methylation with [14C]-SAM) or 100 mM NADþ spiked
with [32P]-NADþ (Perkin Elmer, after methylation with
cold SAM). ADP-ribosylation reactions were incubated for
5 min at 308C, stopped by addition of 10! SDS-loading
buffer and proteins were separated by SDS-PAGE. Hot
methylation/ADP-ribosylation was assayed by autoradio-
graphy of the Coomassie stained, dried gels, whereas cold
modifications were controlled by immunoblotting with the
indicated antibodies.
In the reverse experiment, 10 pmol ARTD1 was first incu-
bated with activating DNA and 100 mM NADþ for 5 min on
ice. 3-AB (Sigma-Aldrich) was added in a concentration of
8 mM to stop the ADP-ribosylation before the methylation
was started by addition of 1 mg SET7/9 and [14C]-SAM.
The activating DNA used in all assays was an annealed
double-stranded oligomer (50-GGAATTCC-30). For sequential
methylation/acetylation, 1 mg ARTD1 fragment (373–524)
was methylated as described above. Acetylation was then
started by addition of 20 ml HAT reaction mix (50 mM
Tris–HCl pH 8.0, 50 mM NaCl, 10% glycerol, 1 mM DTT,
1 mM sodium butyrate, 1 mM PMSF, 0.5 mg p300 and
75 mM [14C]-AcCoA) and allowed to proceed for 1 h at 308C.
5.6. Cellular extracts and ARTD1 activity assays
Whole cell extracts were prepared in lysis buffer (50 mM
Tris–HCl pH7.5, 400 mM NaCl, 1%Triton and 25 mM
NaF), and chromatin fractions were prepared as described
elsewhere [40].
NEs from U2OS cells and complemented MLFs were
generated as described earlier [41,42]. Five microgram NEs
were incubated in 30 ml reaction buffer (50 mM Tris–HCl,
4 mM MgCl2, 1 mg ml
21 pepstatin, 1 mg ml21 bestatin,
1 mg ml21 leupeptin and 250 nM [32P]-NADþ (0.1–0.2 mCi))
in the absence or presence of 5 pmol-activating DNA for
20 min at 308C. Proteins were separated by SDS-PAGE,
and ADP-ribosylation was analysed by autoradiography.
Quantifications were done using the software IMAGEQUANT.
Alternatively, ADP-ribosylation assays were performed
with cold NADþ and modification was assessed by western
blotting with anti-PAR antibody.
5.7. Induction of local DNA damage and imaging
set-up
Local DNA damage was induced by femtosecond laser
irradiation, and recruitment of fluorescently tagged proteins
was recorded as described previously using an LSM 5
Pascal confocal microscope [35,43]. Briefly, cells were
irradiated with femtosecond laser pulses through a 40! oil
immersion lens with a numerical aperture of 1.3 (EC-
Plan-Neo-Fluar, Carl Zeiss) along a 6 mm track within
the nucleus, followed by fluorescence imaging at 488 nm.
The maximum peak irradiance in the focal plane
was 330 GW cm22 (pulse duration 200 fs, repetition rate
40 MHz) for excitation at 775 nm and 1200 GW cm22 (pulse
duration 85 fs, repetition rate 107 MHz) at 1050 nm. Time
series of fluorescence images were quantified with IMAGEJ
(http://rsb.info.nih.gov/ij) as described [43,44].
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Supplementary Figure 1 
1 
Kassner et al. 
Supplementary Figure 1. (A) Mass spectrometric analysis of recombinant ARTD1 (373-524) incubated 
with SET7/9 in presence and absence of SAM. (B) MS/MS scan of ion with m/z 3119.72 according to 
ARTD1 peptide 485 – 514 identifying lysine 508 as the methylated residue. (C) Dot blot with ARTD1 
peptides (503-513) not methylated (nm) and methylated (met) at K508 at the indicated concentrations. 
Two different antibody batches were tested. (D) Validation of a peptide specific antibody directed against 
monomethylated K508 in ARTD1. A specific signal for K508 ARTD1 methylation was observed upon in 
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Supplementary Figure 2 
2 
Kassner et al. 
Supplementary Figure 2. Schematic representation of the ARTD1 domain structure and the important 
methylation, sumoylation, acetylation and ADP-ribosylation sites in the automodification domain of ARTD1.  
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Supplementary Figure 3 
3 
Kassner et al. 
Supplementary Figure 3. (A) U2OS cells expressing GFP-tagged SET7/9 and mCherry-tagged ARTD1 
were analyzed by fluorescence microscopy. (B) H2O2-induced PAR formation was quantified after 
overexpression of Flag-SET7/9 WT or H297A. The corresponding western blot is shown in Fig. 3A. (C) WT 
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Supplementary Figure 4 
4 
Kassner et al. 
Supplementary Figure 4. (A) U2OS cells were transfected with scrambled siRNA (scr) or siRNA targeting 
SET7/9. (B) Effect of SET7/9 depletion by siRNA treatment on SET7/9 mRNA levels. The mean of three 
quantifications and the standard error of the mean are shown. (C-D) U2OS cells were transfected with 
scrambled siRNA (scr) or siRNA targeting SET7/9. Quantifications of blots shown in Figs. 3D-E. (C) Three 
days after knockdown, the cells were treated with or without 1 mM H2O2 for 5 min and PAR formation was 
quantified. (D) ARTD1 activity was quantified in nuclear extracts from U2OS cells after knockdown of 




























































































Supplementary Figure 5 
5 













pRRL wt K508A K058R 
scr + - + + - - + + - - + + - - 
siSET7/9 - + - - + + - - + + - - + + 
Fraction S P S P S P S P S P S P 
Supplementary Figure 5: (A-B) ARTD1 knockout MLFs were stably complemented with WT ARTD1 or 
two methylation deficient mutants. Cells were then fractionated and cytoplasmic (CE) and nuclear 
extracts (NE) were analyzed. Quantifications of western blots shown in Fig. 4B. (A) ARTD1 activity in 
NE was analyzed by radioactive PAR assay. (B) ARTD1 activity in NE from complemented MLFs as in 
(A) but in presence of 5 pmol activating DNA. (C) After SET7/9 depletion for three days, ARTD1 affinity 
to chromatin was tested at different sodium chloride (NaCl) concentrations and analyzed by Western 
blot. S: supernatant, P: pellet = chromatin bound. (D) Methylation experiment with an ARTD1 peptide 
and consecutive MS analysis. A synthetic ARTD1 peptide was non-acetylated or acetylated and in vitro 
methylated with SET7/9. Modifications were detected by MS. Only the non-acetylated peptide was 
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3.3 Unpublished results 





 has been shown to be important for the induction of PAR formation, something 
we confirmed upon 10 min H2O2 treatment in the manuscript "PKCα controls 
oxidative stress-induced poly-ADP-ribose formation by phosphorylating HMGB1" 
[92, 93]. To study whether basal levels of PAR are also dependent on calcium, we 
pre-treated HeLa-cells with the calcium chelator BAPTA-AM, followed by 10 min of 
H2O2. Basal levels of PAR could be detected in HeLa cells by immunofluorescence 
(IF), using a different antibody (enzo) than in the manucscript, and the levels were 
strongly increased upon 10 min of H2O2 (Figure 6a,b). Interestingly, the basal PAR 
formation, which can be reduced by PARPi, was not changed upon treatment with 
BAPTA-AM. In contrast, the H2O2-induced PAR was reduced to basal levels in the 
presence of BAPTA-AM, suggesting that a calcium-dependent induction of PAR was 
specifically observed only upon H2O2 treatment.  
 It has been suggested that BAPTA-AM could directly inhibit the transition 
metal ion-mediated Fenton reaction at the site of DNA, and thereby reduce the H2O2-
induced DNA lesions, which would lead to a reduction of PAR formation [226]. To 
exclude this, we incubated mouse embryonic fibroblasts (MEFs) with BAPTA-AM or 
the iron/copper-chelating agent 1,10-phenanthroline (PHE), followed by H2O2-
treatment (Figure 6c). We performed an alkaline comet assay and could observe an 
increase of DNA lesions upon H2O2, which could be significantly reduced by 
BAPTA-AM, but not by PHE. These results strongly suggest that the DNA lesions 
observed upon H2O2 treatment are not due to iron or copper, but are dependent on 
H2O2-induced calcium release and a yet to be defined mechanism.   
Figure 6. Calcium-induced PAR-formation. a) HeLa cells were pre-incubated with 10 µM ABT888 or 10 µM 
BAPTA-AM for 60 min, followed by 0.1 mM H2O2 for 10 min. IF was performed using anti-PAR (enzo). b) 
Intensity from a) quantified using ImageJ. c) MEFs were pre-incubated for 30 min with 5 µM BAPTA-AM or 5
µM 1,10-phenanthroline, followed by 0.1 mM H2O2 for 10 min. An alkaline comet assay was performed to 
visualize DNA-breaks and AP-sites (lesions), 75 comets/condition was quantified. n.s p>0.05, *p<0.05, **p<0.01,
***p<0.001, +/- SEM. 
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3.3.2 OGG1 and APE1 do not play a role in H2O2-induced PAR formation 
The role of Ca
2+
 in the induction of DNA breaks upon H2O2 treatment could not only 
be due to direct breaks on the DNA backbone, but also be mediated by Ca
2+
-
dependent DNA-glycosylases and endonucleases due to the oxidatively damaged 
bases [1, 4]. The most studied DNA-glycosylase, OGG1, is Ca
2+
-dependent and has 
been shown to interact with ARTD1 upon oxidative damage [227]. To investigate 
whether OGG1 is involved in H2O2-induced DNA lesions, OGG1 KO and wt MEF 
were treated with H2O2 for 10 min. Using the alkaline comet assay, only a minor 
reduction of DNA lesions could be observed in the OGG1 KO MEFs as compared to 
wt MEFs (Figure 7a). Although, when depleting OGG1 of MEFs using siRNA, no 
difference as compared to the MEFs treated with scrambled siRNA (siMock) in H2O2-
induced DNA lesions was observed. To investigate whether the AP-lyase APE1 is 
involved in H2O2-induced DNA lesions, Ape1 was knocked down in MEFs, followed 
by treatment with H2O2, but no decrease in DNA lesions could be observed (Figure 
7b). However, this does not rule out an involvement of OGG1 and APE1 in the 
induction of PAR formation. To further investigate that, we treated OGG1 KO and wt 
MEF with H2O2 and measured the intensity of PAR using IF. An attenuated PAR 




















































































































































Figure 7. H2O2-induced DNA lesions and PAR-formation upon KO or kd of DNA-glycosylases or AP-lyases. 
a) Alkaline comet assay in OGG1 KO and wt MEFs (left) or MEFs transfected with siRNA against Ogg1 or mock,
treated with 0.1 mM H2O2 for 10 min. b) Performed as in a), using siRNA against Ape1 in MEFs. c) OGG1 KO 
and wt MEFs were treated with 0.1 mM H2O2 for 10 min, before fixed with methanol/acetic acid and 
immunostained with anti-PAR (10H). d) siRNA-mediated knockdown of Ogg1 in MEFs (left) and MRC-5 cells
(right), was followed by 0.5 mM H2O2 for 10 min, 48 h post-transfection. IF as in c). e) Performed as in d) using
siRNA against Ape1 in MEFs. PAR intensity was quantified using ImageJ. *p<0.05, **p<0.01, ***p<0.001, +/- 
SEM. 
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(Figure 7c). Although, when knocking down OGG1 in MEFs using siRNA, no 
difference as compared to the MEFs treated with scrambled siRNA (siMock) in H2O2-
induced PAR formation could be observed (Figure 7d). The same was observed when 
knocking down OGG1 in the human cell line MRC-5, suggesting that the transient 
removal of OGG1 is not sufficient to reduce H2O2-induced PAR formation. Thus, 
another mechanism must be responsible for the H2O2-induced PAR formation. 
Furthermore, the influence of APE1 on H2O2-induced PAR formation was addressed 
by knocking down APE1 in MEFs, followed by treatment with H2O2. However, PAR 
formation was equally increased in siApe1 and siMock-treated MEFs, showing that 
APE1 is also not involved in H2O2-induced PAR formation (Figure 7e). This indicates 
that the breaks induced upon H2O2 are possibly caused by other DNA-glycosylases or 
endonucleases. 
3.3.3 XPF, XPG, FEN1 and FAN1 do not play a role in H2O2-induced PAR formation. 
ARTD1 has also been described to bind nicked DNA and single-stranded overhangs, 
and its involvement in stalled replication fork resolution and homologous 
recombination (HR) has been suggested [54, 95, 228]. Several endonucleases that 
recognize structural DNA features and are involved in other repair pathways than 
BER could potentially be involved in H2O2-induced PAR formation. We therefore 
performed knockdown of XPF (cleaves 3’ flaps), XPG, FEN1 and FAN1 (cleaves 5’ 
flaps) [229-231] in MEFs, and subsequently treated them with H2O2. No influence on 
H2O2-induced PAR formation could be observed upon knockdown of these factors, as 
compared to siMock (Figure 8a), indicating that XPF, XPG, FEN1 and FAN1 do not 
play a role in H2O2-induced PAR formation. MUS81 is an endonuclease involved in 
HR, and resolves D-loops and Holliday junctions [229]. Upon knockdown of MUS81, 



















































































































Figure 8. H2O2-induced PAR-formation and DNA lesions after knockdown of endonucleases. a) MEFs were 
transfected with siRNA against XPF, XPG, FEN1, FAN1, or mock. After 48 h MEFs were treated with 0.5 mM 
H2O2 for 10 min, before fixed with methanol/acetic acid and immunostained with anti-PAR (10H). b) Performed 
as in a), using siRNA against MUS81. Alkaline comet assay performed in MEFs transfected with siRNA against 
MUS81, after treatement with 0.1 mM H2O2 for 10 min. c) Performed as in a) using siRNA against EndoG. PAR 
intensity was quantified using ImageJ. n.s. p>0.05, *p<0.05, **p<0.01, ***p<0.001, +/- SEM. 
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a weakly attenuated PAR formation upon H2O2 was detected, as compared to siMock, 
although no effect was seen on the DNA lesions (Figure 8b), suggesting that MUS81 
is not involved in H2O2-induced DNA lesion formation.  
The endonuclease G (EndoG) is located in the mitochondrial intracellular 
space, and translocates to the nucleus upon oxidative stress to mediate apoptosis 
[232]. To investigate the role of EndoG in H2O2-induced PAR formation, we knocked 
it down in MEFs, followed by H2O2 treatment.  The knockdown showed no effect on 
PAR formation, as compared to siMock (Figure 8c), suggesting that EndoG is not 
involved in the regulation of H2O2-induced PAR formation. 
Together, these results provide evidence that out of the tested endonucleases, 
only MUS81 influences H2O2-induced PAR formation, and interestingly, the levels of 
H2O2-induced PAR formation cannot be directly correlated to the levels of H2O2-
induced DNA lesions, since none of the tested enzymes affected DNA tail formation. 
3.3.4 Knockdown of NEIL3 leads to attenuated H2O2-induced PAR formation  
Four other DNA-glycosylases are also known to remove oxidative damaged bases. 
NTH1 and NEIL1-3, from which NEIL1 and NTH1 have a very overlapping lesion-
recognition, and the lack of NEIL1 has been shown to reduce oxidative stress-induced 
PAR formation [1, 233]. We therefore chose to investigate the role of NEIL1-3 in 
H2O2-induced PAR formation. Interestingly, when NEIL1, NEIL2 or NEIL3 were 
knocked down by siRNA in MEFs and cells subsequently treated with H2O2, no effect 
was observed for siNeil1 and siNeil2, but an attenuated PAR formation could be 
observed in siNeil3 MEFs, as compared to siMock (Figure 9a). However, the induced 
DNA lesions were unchanged upon knockdown of NEIL3, suggesting that NEIL3 
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Figure 9. H2O2-induced PAR-formation and DNA lesions upon knockdown of Neil1-3. a) MEFs transfected
with siRNA against Neil1, Neil2 and Neil3. were treated with 0.1 mM H2O2 for 10 min, before fixed with 
methanol/acetic acid and immunostained with anti-PAR (10H). b) Alkaline comet assay in MEFs transfected with 
siRNA against Neil3 or mock, treated with 0.1 mM H2O2 for 10 min. c) Performed as in a) using siRNA against
Neil3 and Ogg1. 
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lesions (Figure 9b). To investigate whether the different DNA-glycosylases 
compensate for each other, a combination of knockdowns was performed, using 
siRNA against Ogg1 and Neil1-3. Unfortunately, aiming at knocking down all four 
proteins reduced the knockdown efficiency tremendously and no relevant results were 
obtained (data not shown). One exception was the double knockdown of OGG1 and 
NEIL3, which showed a good efficiency, but surprisingly resulted in an increase in 
H2O2-induced PAR formation, as compared to NEIL3 knockdown alone (Figure 9c). 
This suggests that the knockdown of OGG1 rescues the reduced levels of H2O2-
induced PAR formation caused by knockdown of NEIL3 and that these two proteins 
functionally interact. Taken together, NEIL3 is important for optimal PAR formation 
upon oxidative stress, although the NEIL3-dependent excision of oxidative lesions 
does not seem to be responsible for the observed effect on PAR formation.  
3.3.5 Ionomycin induces PAR formation in a Ca
2+
-dependent, but DNA-independent 
manner 
Considering the major influence of calcium on PAR formation after H2O2-treatment, 
we were wondering if increased Ca
2+
 levels alone could activate PAR formation and 
if so, whether ARTD1 is the main responsible enzyme. To increase intracellular levels 
of Ca
2+
 in an H2O2-independent manner, we treated MEFs with the ionophore 
ionomycin. An induction of PAR formation upon ionomycin could be observed. To 
determine whether the induced PAR formation was ARTD1 dependent, we knocked 
down ARTD1 before we performed the same experiment. Knockdown of ARTD1 
completely abrogated PAR formation upon ionomycin treatment (Figure 10a,b). This 
suggests that increased levels of intracellular Ca
2+
 lead to the activation of ARTD1.  
 
Figure 10. Ionomycin-induced PAR-formation. a) MEFs were transfected with ARTD1 siRNA or with a mock
control, and 48 h after transfection incubated with either 0.5 mM H2O2 or 1 µM ionomycin for 10 min in FCS-free 
medium containing 3.6 mM Ca
2+
. IF was performed using anti-PAR (10H). b) Quantification of the ionomycin
induced PAR-formation in b). c) Alkaline comet assay of MEFs treated with 0.1 mM H2O2 or 1 µM ionomycin for
10 min. n.s. p>0.05, *p<0.05, **p<0.01, ***p<0.001, +/- SEM. 
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To investigate if the enhanced Ca
2+
 levels could activate ARTD1 in a DNA 
damage-independent manner, we performed an alkaline comet assay with ionomycin-
treated cells. There was no significant induction of DNA lesions upon treatment with 
ionomycin (Figure 10c), suggesting that ionomycin-induced PAR formation is 
independent of DNA lesions. 
3.3.6 ARTD1 in lysates from wild-type cells is activated by lysates from ARTD1 
knockout cells  
Several publications have described how stimulation-induced modification of ARTD1 
or protein interactions can activate ARTD1, in a DNA-independent manner [96, 97, 
141]. We intended to investigate whether upon 10 min of H2O2 treatment, a nuclear 
soluble signal is induced, which DNA-independently activates ARTD1 in vitro. By 
adding nuclear extracts (NEs) from H2O2-treated ARTD1 KO MEFs to NEs from 
untreated wt MEFs, we could study the activation of ARTD1 in vitro. NEs from 
untreated or H2O2-treated MEFs were pre-incubated with DNase I to digest potential 
contaminating DNA fragments, subsequently incubated with NAD
p32
, and analyzed 
by autoradiography. No ADP-ribosylation activity was detected in the NEs from 
untreated wt MEFs, but was strongly induced in NEs from H2O2-treated wt MEFs 
presumably in an ARTD1-dependent manner, since no ADP-ribosylation was 
detected in NEs from ARTD1 KO MEFs (Figure 11a). Surprisingly, ARTD1 in NEs 
from untreated wt MEF was activated upon co-incubation with ARTD1 KO NEs, 
independent of H2O2 treatment (Figure 11b).  
To rule out that the observed activation of ARTD1 could be due to a DNA 
contamination, the wt NEs were substituted with recombinant ARTD1, purified either 
from baculo (Bacu A1) or bacterial cells (Baki A1). Even though both of the 
a) b) 
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Figure 11. ARTD1 activity in nuclear extracts. a) ARTD1 KO and wt MEFs were treated with 0.5 mM H2O2
for 10 min or left untreated, before harvested. Nuclear extracts were prepared and 10 ug extract incubated in vitro
with NAD
p32
, before exposed on a phosphoscreen for autoradiographic analysis. b) Performed as in a). In vitro
assay performed in the presence or absence of PARPi ABT888. c) Performed as in a), in the presence or absence
of Bacu ARTD1, Baki ARTD1 and activating DNA (40mer).  
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recARTD1s were activated upon addition of DNA, only the bacu A1 was activated by 
the NEs (Figure 11c), indicating a DNA-independent mode of activation by the NEs 
of ARTD1 KO MEFs.  
3.3.7 Inhibition of HDAC and MSK1 does not affect H2O2-induced PAR formation 
It has recently been reported that acetylation and phophorylation of histone H2A can 
positively influence PAR formation [138]. To investigate whether the acetylation of 
histones is involved in the H2O2-induced PAR formation, we pre-incubated MEFs 
with HDAC inhibitors before treating with H2O2 for 10 min (Figure 12a). We 
detected a marked increase in nuclear acetyl-lysine upon HDAC inhibitor, but the 
PAR formation was comparable before to the tested condition, suggesting that histone 
hyperacetylation does not influence H2O2-induced PAR formation. 
 To investigate a possible role of MSK1-mediated histone phosphorylation on 
H2O2-induced PAR formation, we incubated MEFs with the MSK1 inhibitor H-89 
before treating them with H2O2. The inhibition of MSK1 was efficient, as measured 
by the MSK1 target γH2AX phophorylation (Figure 12b), but had no influence on the 
H2O2-induced PAR formation (Figure 12c), indicating that the H2O2-induced 
phosphorylation of γH2AX by MSK1 does not regulate H2O2-induced PAR 
formation. 
3.3.8 ARTD1 ADP-ribosylates HMGB1 between amino acid 121-126 
Several groups have described HMGB1 to be ADP-ribosylated by ARTD1 [36, 186], 
although, a modification site was so far not identified and the role of other ARTDs 
not investigated. Knowing the ADP-ribosylation site on HMGB1 would allow further 
investigations regarding the physiological function of ADP-ribosylated HMGB1. To 
investigate whether another nuclear ARTD beside ARTD1, such as ARTD2, or a 







































































Figure 12. a) MEFs were pre-incubated for 1 h with 1 µM HDACi (TSA), followed by 0.5 mM H2O2 for 10 min. 
Immunofluorescent staining was performed using anti-PAR (10H) and anti-AcetylLysine (pan). b) MEFs were
incubated with 1, 10 or 25 µM MSK1i (H-89) for 30 min before treated with 0.5 mM H2O2 for 60 min. Cells were 
fixed in Methanol Acetic acid and stained against γH2AX. c) performed as in b), but only 10 min H2O2 treatment 
and stained against PAR (10H). Intensity measured using ImageJ. n.s. p>0.05, *p<0.05, **p<0.01, ***p<0.001,
+/- SEM. 
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MARylating ARTD, ARTD10, would modify HMGB1, an in vitro ADP-ribosylation 
assay was performed using purified recombinant protein. ARTD1, 2 or 10, was 
incubated with HMGB1, and NAD
p32
, and further analyzed by autoradiography 
(Figure 13a). Only ARTD1, but not ARTD2 and ARTD10, modified HMGB1 under 
the tested conditions.  
 Using mass spectrometry methods recently developed by our group, modified 
HMGB1 was detected from in vitro ADP-ribosylation assay, as well as in lysates 
from cells treated with H2O2. Several ADP-ribosylated peptides were found, and the 
most abundantly detected ADP-ribsoylated peptide was matched to the DNA-
intercalating sequence on the B-box of HMGB1, between amino acids (aa) 112-126 
(Figure 13b [153]). We deleted parts of this sequence, either the last five aa in helix I 
(ΔHI), or the first six aa in the helix II (ΔHII), in the full-length (fl) HMGB1 or in the 
B-box alone. Using these constructs, in parallel with fl HMGB1, HMGB1 lacking the 
C-terminal, and the A-box and B-box alone, we performed an in vitro ADP-
ribosylation assay (Figure 13c). An increased modification of HMGB1 lacking the C-
terminal tail was observed (lane 5), likely due to better accessibility to the 
modification site. Both the A-box and B-box were modified by ARTD1 in vitro, 
although the signal was stronger for the B-box (lane 6 and 7). While the fl ΔHI 
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Figure 13. ARTD1-dependent ADP-ribosylation of HMGB1. a) In vitro ADP-ribosylation assay. Recombinant 
ARTD1, ARTD2 or ARTD10 was incubated with HMGB1 and NAD
p32
. ARTD1 was incubated in the presence of 
activating DNA (40mer) for 15 min at 30°C. ARTD2 and ARTD10 was incubated for 1h at 30°C. b) The 3D
structure of HMGB1. A-box in red, B-box in purple and the C-tail oin green. The localization of the peptide 
identified by MS-analysis is circled in blue. [153] c) In vitro ADP-ribosylation assay. ARTD1, NAD
p32
 and 40mer 
was incubated together with fl HMGB1, HMGB1 fragments or HMGB1 deletion mutatants for 15 min at 30°C. d) 
Performed as in c), using HMGB1 containing point-mutations at indicated amino acids. 
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mutant (lane 3) showed no significant difference in modification compared to fl wt, a 
partial reduction of HMGB1 modification could be observed in the fl ΔHII mutant 
(lane 4) and an even stronger reduction for the B-box ΔHII mutant (lane 9). These 
data indicate that HMGB1 was mainly modified between aa 121-126, but has 
additional acceptor sites in vitro. To investigate whether any of the known ARTD1 
acceptor sites in the identified peptide (K, E or D) is the main site of ADP-
ribosylation of HMGB1, six different point mutations were generated and 
subsequently modified by ARTD1 in the presence of NAD
p32
. The strongest reduction 
of ADP-ribosylation was observed with the K126R mutant (lane 6) confirming our 
previous findings that the main modification-site of HMGB1 resides within aa121-
126 (Figure 13d). This indicates that several ADP-ribosylation acceptor sites of 
HMGB1 are modified by ARTD1 in vitro, and K126 seems to be the major acceptor 
site.  
3.3.9 ARTD1 regulates HMGB1 nuclear release upon LPS, but not upon H2O2 
treatment 
Next, we investigated if ARTD1 and HMGB1 interact also in vivo, and whether this 
interaction is H2O2-dependent. We overexpressed HA-ARTD1 and GFP-HMGB1 in 
HEK293 cells and performed an immunoprecipitation (IP) anti-HA with nuclear 
extracts from untreated or H2O2-stimulated cells (Figure 14a). An interaction between 
ARTD1 and HMGB1 could be observed in the untreated cells, however the 
interaction was lost upon H2O2 treatment (lane 11 and 12), suggesting that ARTD1 
and HMGB1 interact in vivo, but that H2O2 treatment abolishes that interaction. 
ARTD1-dependent nuclear release of HMGB1 has been described in several recent 
publications, upon different stimuli such as LPS, MNNG and H2O2 [36, 187, 188]. To 
confirm these data, we pre-incubated RAW 264.7 cells (RAWs) with olaparib before 
treatment for 16 h with LPS followed by 3 h with ATP. The supernatant of the cells 
was collected, concentrated and subsequently analyzes by WB. In this setting, we 
could detect HMGB1 released into the medium in an ADP-ribosylation-dependent 
manner (i.e. reduced by PARPi) (Figure 14b). This suggests that ADP-ribsylation is 
indeed required for the LPS/ATP-induced release of HMGB1. 
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Moreover, we were interested to investigate whether short time stimulation 
with H2O2 would also lead to HMGB1 release in a ADP-ribosylation-dependent 
manner, since most other published studies focused on later time-points, e.g. 0.5-3 h. 
Therefore MEFs were treated for 10 or 60 min H2O2, followed by IF against HMGB1. 
We could observe a partial reduction of nuclear HMGB1 staining at 10 min, followed 
by a further reduction after 60 min H2O2 (Figure 14c). PAR formation could be 
detected after 10, but not 60 min, as expected. Interestingly, the cells that sustain high 
HMGB1 levels upon 10 min H2O2 treatment also show high levels of PAR formation. 
This could be due to kinetics of PAR formation and imply that the cells without 
nuclear HMGB1 might already have passed the maximal intensity of H2O2-induced 
PAR formation. 
To investigate whether the H2O2-induced release of HMGB1 was due to ADP-
ribosylation, we incubated MEFs and RAWs with PARPi (olaparib) followed by 10, 
30 or 60 min H2O2 treatment, and analyzed the HMGB1 release by IF and subsequent 
quantification of the nuclear HMGB1 intensity. Olaparib pre-incubation had no 
influence on the release of nuclear HMGB1 after 10 min of H2O2, however, upon 
longer exposure to H2O2, e.g. 60 min, the release of nuclear HMGB1 was slightly 
Figure 14. LPS- and H2O2-induced HMGB1-release. a) Overexpression of GFP-HMGB1, HA-ARTD1 and
myc-ARTD1 (as positive control) in HEK293. 48 h post-transfection cells were treated with 1 mM H2O2 for 10 
min, followed by a nuclear extraction and an IP anti-HA. IP and 10% input were loaded on SDS-PAGE, and WB
anti-ARTD1 (upper lane of input), anti-myc, anti-HA, and anti-HMGB1 was performed. b) RAW 264.7 cells were
pre-incubated with olaparib for 1.5 h before treated with LPS for 16 h, followed by 3 h ATP. The medium was
collected, filtered (45 µm) and concentrated through 9 kDa spin-columns, loaded on SDS-PAGE and blotted anti-
HMGB1. c) MEFs were treated with 0.5 mM H2O2 for 10 or 60 min, fixed with 4% PFA and immunostained with 
anti-HMGB1 and anti-PAR (10H). d) MEFs and RAWs were treated with 0.5 mM H2O2 for 10, 30 or 60 min, 
fixed with 4% PFA and immunostained with anti-HMGB1. The signal intensity of nuclear HMGB1 was
quantified using ImageJ.  
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attenuated in the presence of olaparib (Figure 14d). Conclusively, ADP-ribosylation 
does not play a role in the release of nuclear HMGB1 upon 10 min H2O2-treatment, 
but influence the HMGB1 release upon extended H2O2-stimulation. 
3.3.10 Regulation of IP-10 gene expression by ARTD1 and HMGB1 
Transcription of NF-κB-dependent genes has been described to be dependent on 
ARTD1, although independent of its enzymatic activity [208, 214]. Additionally, 
HMGB1 can influence the binding of NF-κB dimers to the chromatin and thereby 
modulate transcription of NF-κB-dependent genes [178]. We therefore aimed to 
investigate whether ARTD1 and HMGB1 co-regulate the same genes. By stimulating 
MEFs with LPS for 1 h, and analyzing IL-6 and IP-10 gene expression using qRT-
PCR we observed an induced expression of both IL-6 and IP-10 (Figure 15a, b). 
Knocking down ARTD1 in wt MEFs, showed a slightly enhanced IL-6 expression, 
while HMGB1 KO MEFs showed significantly suppressed IL-6 expression as 
compared to wt. Upon knockdown of ARTD1 in HMGB1 KO MEFs, the slight 
increase in IL-6 expression was still observed. These data indicate that ARTD1 and 
HMGB1 independently regulate IL-6 expression. The LPS-induced IP-10 gene 
expression was attenuated both in wt MEFs with a knockdown of ARTD1 as well as 
in non-transfected HMGB1 KO MEFs, as compared to wt. The knockdown of 
ARTD1 in HMGB1 KO MEFs showed no additive effect on LPS-induced IP-10 gene 
expression. Taken together, these data suggest that ARTD1 and HMGB1 regulate 
LPS-induced IP-10, but not IL-6, gene expression through a common mechanism.   
a) 
b) 































































































































































































































HMGB1 KO MEF 
HMGB1 KO MEF 
Figure 15. Regulation of LPS-induced IL-6 and IP-10 gene expression by ARTD1 and HMGB1. Wt or 
HMGB1 KO MEFs were treated siRNA against ARTD1 or mock, and stimulated for 1 h LPS, 48 h post-
transfection. Gene expression of IL-6 a) and IP-10 b) was measured using qRT-PCR. 
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Additionally, we investigated the contribution of ARTD1 and HMGB1 in the 
TNFα-induced IP-10 gene expression, and compared it to MIP-2 gene expression, by 
the knockdown of ARTD1, HMGB1 or both proteins by siRNA. Upon 5 h TNFα 
treatment we observed an induced expression of IP-10, which was reduced in both 
ARTD1 and HMGB1 siRNA treated cells, confirming the results achieved upon LPS-
stimulation (Figure 16a). The MIP-2 expression was reduced upon HMGB1 
knockdown, but no effect could be observed upon ARTD1 knockdown, indicating 
that ARTD1 is not involved in MIP-2 gene regulation and thus the co-regulation 
between ARTD1 and HMGB1 is gene specific.  
To analyze the contribution of ARTD1 activity on IP-10 gene expression, the 
siRNA-treated cells were pre-incubated with PARPi (olaparib) before stimulated with 
TNFα (Figure 16a). An enhanced TNFα-induced IP-10 expression could be observed 
in siMock cells, while MIP-2 expression levels were unaffected. Thus, the stimulating 
effect on IP-10 expression by olaparib is likely mediated via ARTD1 and its co-
regulation with HMGB1, considering that their knockdown abolished the enhanced 
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Figure 16. Regulation of IP-10 gene expression by ARTD1 and HMGB1. a) MEFs were transfected with 
siRNA against ARTD1, HMGB1 or both combined. After 48 h cells were pre-incubated with 10 µM olaparib for 
30 min, before treated with 40 ng/µl TNF-α  for 5 h. mRNA was extracted and IP-10 and MIP-2 gene expression 
levels measured by qRT-PCR. b) MEFs were pre-incubated with 10 µM olaparib for 30 min, before treated with 40 
ng/µl TNF-α  for 5 h. ChIP against H3, ARTD1 anf HMGB1 was performed, followed by qPCR analyses of the IP-
10 promoter sequence. n.s. p>0.05, *p<0.05, **p<0.01, ***p<0.001, +/- SEM. 
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Since excessive PARylation has been described to repel modified proteins 
from the chromatin [82, 140], a possible explanation of the observed positive 
regulatory effects of ARTD1 and HMGB1 and negative regulatory effect of ADP-
ribosylation on IP-10 expression, is that ARTD1 and HMGB1 are required at the IP-
10 promoter for high transcription efficiency, but are repelled upon ADP-ribosylation. 
To test this hypothesis, we performed ChIP analyses of H3, ARTD1 and HMGB1 at 
the IP-10 promoter of TNFα-treated MEFs, in the absence or presence of olaparib 
(Figure 16b). Upon stimulation, a reduction of H3, ARTD1 and HMGB1 occupancy 
on the IP-10 promoter was observed, however independent of ADP-ribosylation. The 
enhancing effect of IP-10 expression by PARPi is most likely due to the second wave 
of transcription, or secondary inflammatory effects, since the increase in gene 
expression is not significant upon 1 h TNFα. However, through which pathway this 
occurs needs further investigation. 
3.3.11 LPS-induced endotoxin tolerance in MEFs and RAWs is independent of 
HMGB1, ARTD1, and ADP-ribosylation, under tested cell culture conditions 
Inflammation, when uncontrolled, can lead to extensive tissue damage and develop 
into sepsis, metabolic diseases, autoimmune diseases and cancer [198]. The 
inflammatory response thus needs to be tightly regulated. One mechanism that 
promotes anti-inflammatory signaling during such conditions is endotoxin tolerance 
(ET) [234]. Cells exposed to low concentrations of endotoxin (e.g. LPS) can enter 
into a transient unresponsive state in which they are unable to respond to further 
endotoxin challenges. The molecular mechanism underlying induction-process of ET 
is not known in detail, however multiple studies have revealed the involvement of 
TLR-signaling, micro-RNAs, NF-κB dimer-formation as well as chromatin 
remodeling, such as increased levels of H1 and H3K9me3, in the establishment of ET 
[235]. HMGB1 was proposed to be an important player in the chromatin remodeling 
during ET [236]. Considering the interaction of HMGB1 with ARTD1, and ARTD1’s 
role in inflammatory transcription and chromatin remodeling, we investigated their 
involvement in the regulation of ET. 
To induce tolerance in a cell culture system, we treated cells with LPS for 16 
h, before re-challenging them with LPS another hour. The induced gene expression 
upon 1 h of LPS in naïve cells was then compared to the gene expression upon 1 h of 
LPS in tolerant cells. We performed the tolerance protocol with RAW (Figure 17a) 
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and MEF cells (not shown) and compared the expression of various inflammatory 
genes.  The three example-genes shows three different tolerance profiles; IL-6 
expression was tremendously enhanced upon 16 h LPS treatment and still inducible, 
IP-10 showed no expression upon 16 h LPS and was additionally no longer inducible, 
and IκBα showed a similar response in naïve and tolerant cells (Figure 17a). This 
expression profile was the same in MEFs and RAWs, and we decided to focus on IP-
10 expression, considering the typical ET profile represented by this gene.  
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Figure 17. The influence of HMGB1, ARTD1 and ADP-ribosylation on IP-10 gene expression in endotoxin
tolerance. a) RAWs treated with 16 h of 0.1 µg/µl LPS (Tolerant) or left untreated (Naive), before re-challanged 
with 1 h of 0.1 µg/µl LPS. mRNA was purified and the gene expression levels measured using qRT-PCR. 
Expression levels normalized to housekeeping gene RPS12 and 1 h LPS in Naive cells set to 100. b) performed 
as in a), using HMGB1 KO and wt MEFs. c) performed as in a) using ARTD1 KO and wt MEFs and RAWs 
transfected with shRNA against ARTD1. d) performed as in a) using MEFs and RAWs transfected with siRNA 
against HMGB1 or ARTD1. e) performed as in a), using MEFs and RAWs untreated or treated with 10 µM 
olaparib for 30 min pre-tolerance-induction. 
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MEFs and compared the IP-10 gene expression after 1 h of LPS in naïve and tolerant 
cells (Figure 17b). We observed an increased expression of IP-10 in tolerant cells, 
representing a loss of ET, which suggested that HMGB1 is required for setting or 
keeping cells in a tolerant state. Next, the role of ARTD1 in ET was examined by 
performing the ET protocol in ARTD1 KO and wt MEFs, or RAWs with a shRNA-
mediated knockdown of ARTD1 (Figure 17c). The ARTD1-lacking tolerant cells 
exhibited the same levels of IP-10 expression as their corresponding mock or wt 
tolerant cells, suggesting that the stable lack of ARTD1 does not influence ET. 
To investigate whether we observe the same effect with transiently 
knockdown HMGB1 and ARTD1, we performed the same experiment in siRNA-
mediated HMGB1- and ARTD1-depleted MEFs or RAWs (Figure 17d). No effect on 
IP-10 gene expression in tolerant cells could be observed upon knockdown of 
HMGB1 or ARTD1, as compared to siMock. This implies that the effect observed 
using HMGB1 KO MEFs was more likely due to changes in the proteome of these 
cells or adaptation of the chromatin to the constitutive lack of HMGB1, rather than a 
direct role of HMGB1. Our obtained results differ from the literature, where one 
publication states that the knockdown of HMGB1 increases TNF-α gene expression in 
tolerant THP-1 cells [236]. However, cell type, species and the analyzed target gene, 
can influence the outcome of a study, which is likely the cause of the observed 
differences between our studies and the already published one [236].  
Furthermore, we aimed to elucidate whether ADP-ribosylation could play a 
role in the induction of an ET state and therefore treated MEFs and RAWs with 
olaparib for 1 h pre-tolerance induction (Figure 17e). The IP-10 gene expression was 
identical in olaparib pre-treated and non-pre-treated tolerant cells, suggesting that 
ADP-ribosylation is not involved in the induction of ET. These data clearly provide 
evidence that neither HMGB1, ADP-ribosylation, nor ARTD1 affect the induction of 
ET under the tested cell culture conditions. 
3.3.12 H2O2 can induce an ET-like state, however independent of ADP-ribosylation 
and ARTD1 
We further investigated whether treatment of cells with H2O2 could induce a similar 
tolerance as the LPS-induced ET. Therefore, the cells were exposed to 1 mM H2O2 
for 10 min, the medium was exchanged and the cells were incubated for 4 h, followed 
by 1 h of LPS treatment. The same genes as for LPS-induced ET were studied and 
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interestingly, they all showed a similar tolerance profile as upon ET (Figure 18a). To 
elucidate the role of ADP-ribosylation in H2O2-induced tolerance, we pre-treated 
MEFs and RAWs with olaparib before inducing tolerance (Figure 18b). Surprisingly, 
the IP-10 expression in H2O2-induced tolerant cells was not affected by olaparib pre-
treatment, suggesting that ADP-ribosylation does not play a role in H2O2-induced 
tolerance. Next, the role of ARTD1 as a protein in H2O2-induced tolerance was 
investigated by the transient knockdown of ARTD1 in MEFs and stably in RAWs 
(Figure 18c). No difference in IP-10 gene expression could be observed between 
tolerant siARTD1 cells and the tolerant siMock cells, indicating that H2O2 can induce 
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Figure 18. The influence of ADP-ribosylation and ARTD1 on IP-10 gene expression during H2O2-induced 
tolerance. a) MEFs were treated with 1 mM H2O2 for 10 min (H2O2-induced tolerance) or left untreated 
(Naive), following medium replacement and 4 h incubation, before challanged with 0.1 µg/µl LPS for 1 h.
mRNA was purified and the gene expression levels measured using qRT-PCR. Expression levels normalized to
housekeeping gene RPS12 and 1 h LPS in Naive cells set to 100. b) performed as in a), using MEFs and RAWs
untreated or treated with 10 µM olaparib for 30 min pre-tolerance-induction. c) performed as in a) using MEFs
transfected with siRNA against ARTD1 and RAWs stably transfected with shRNA against ARTD1. 
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4 Discussion and Perspectives 
4.1 Investigations of Ca
2+
 in H2O2-induced DNA lesions 
We could show, in Andersson et al. that the Ca
2+
-dependent kinase PKCα is required 
for H2O2-induced PAR formation. Additionally, the importance of Ca
2+
-signaling in 
the induction of DNA lesions and the activation of ARTD1 was shown in our study, 
which has previously been described by others [93, 106, 237]. Ca
2+
-mediated PAR 
formation upon oxidative stress is commonly described to be due to the Ca
2+
-induced 
release of ROS from mitochondria. Surprisingly, the ROS scavenger NAC showed no 
effect on either H2O2-induced PAR or DNA lesion formation (previous data from our 
lab). The ability of the Ca
2+
 chelator BAPTA-AM to reduce the H2O2-induced DNA 
lesions by interfering with the transition metal ion-mediated Fenton reaction at the 
site of DNA has been suggested [226]. Although, another group could observe 
reduced DNA lesion formation using the two other Ca
2+
 chelators EGTA and Quin-2 
[92]. Furthermore, we could demonstrate that BAPTA-AM, but not the iron/copper-
chelator PHE, reduced H2O2-induced DNA lesions, indicating the crucial role of Ca
2+
, 
but not transition metals in H2O2-induced DNA lesion formation (Figure 6c). Such a 
Ca
2+
-dependent induction of DNA lesions could be through the activation of Ca
2+
-
dependent DNA-glycosylases or endonucleases. An interaction of ARTD1 with 
several DNA-glycosylases and endonucleases has been described [227, 233, 238]. 
Additionally, AP sites have been described to activate ARTD1 [239, 240]. In some 
cases, as for OGG1 and NEIL1, the interaction has already been shown to enhance the 
activity of ARTD1 [227, 233]. We addressed the role of DNA-glycosylases and 
endonucleases in H2O2-induced DNA lesions by knockdown experiments in cells 
upon H2O2 treatment. The obtained data clearly show that the main BER factors 
OGG1 and APE1, as well as the other tested DNA-glycosylase NEIL3 and 
endonuclease MUS81, are not involved in the H2O2-induced DNA lesions (Figure 7, 
8, 9). Although we found no effect of the single knockdowns of several endonucleases 
on H2O2-induced lesions, multiple knockdowns simultaneously could potentially 
affect the Ca
2+
-induced DNA lesions, indicating that different enzymes together might 
contribute to the observed DNA lesions. In contrast, Ca
2+
 has been described to 
specifically regulate DNA conformation at d(TG/AC)n repeats under physiological 
concentrations by binding to DNA [241]. One could speculate that elevated nuclear 
levels of Ca
2+
 would result in enhanced binding of Ca
2+
 to DNA, which consequently 
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could cause DNA distortions and strand-breaks. This would indicate a direct mode of 
DNA lesion formation by elevated Ca
2+
 concentrations as a result of H2O2 treatment. 
The targeting of Ca
2+
 to d(TG/AC)n repeats suggests a specific targeting of Ca
2+
-
induced DNA lesions to repetitive sequences, such as satellite DNA or 
retrotransposons [242, 243].  
4.2 NEIL3 plays a role in H2O2-induced PAR formation 
Interestingly, we could show how MEFs lacking NEIL3 exhibited reduced PAR 
formation upon H2O2 treatment, although no effect on the DNA lesions was detected 
(Figure 9a,b). However, the levels of DNA lesions induced by NEIL3 could be low, 
and therefore not detectable by the alkaline comet assay, but still induce PAR 
formation. Additionally, to dissect the role of NEIL3 in H2O2-induced DNA lesions, 
the differential impact on SSB and oxidative lesions upon knockdown of NEIL3 
should be investigated by the use of a different pH in the alkaline comet assay [244]. 
NEIL3 specifically recognizes single-stranded DNA, and shows no activity towards 
8-oxoG [245]. It is not yet known if the activity of NEIL3 upon H2O2-treatment is 
Ca
2+
-dependent, but a Ca
2+
-dependent NEIL3 activity upon H2O2-treatment would 
imply that ARTD1 is activated by a highly specific DNA lesion upon oxidative stress. 
Moreover, a colocalization of NEIL3 and PAR foci in H2O2-treated cells would 
further suggest that the specific PAR foci detected by IF upon H2O2 are due to 
NEIL3-induced lesions. 
The fact that the knockdown of OGG1 in cells lacking NEIL3 rescues PAR 
formation (Figure 9c), implies a compensation mechanism via an increased activity of 
NEIL1 or NEIL2 [1, 246]. These DNA-glycoylases can excise 8-oxoG, which is 
heavily induced upon H2O2, and could potentially compensate for OGG1. They can 
also excise similar lesions as NEIL3, thus leading us to speculate that upon their 
enhanced activity, they could additionally compensate for the lack of NEIL3. A 
combination of knockdowns using siRNA against multiple DNA glycosylases, as 
suggested for endonucleases above, or the use of DNA glycosylase inhibitors, which 
would target several enzymes simultaneously, would address the crosstalk and 
compensation between them [1, 246, 247]. The compensatory mechanisms between 
the different DNA glycosylases, as well as how specific lesions activate ARTD1 
 131 




4.3 PAR formation is activated independently of DNA lesions 





the basal PAR levels under untreated conditions are not (Figure 6a, b). The basal PAR 
levels vary between cell lines, and could be activated by ARTD1 complex formation, 
PTMs or interactions with DNA, lipids or proteins [75, 95, 97, 98, 248, 249]. Basal 
PAR formation has recently been suggested to be due to complex formation with 
NuA4-complex, an ATPase chromatin-remodeling complex containing a histone 
acetyltransferase as well as helicase activity, suggesting an activation of PAR upon 
chromatin remodeling [249]. Additionally, the interaction with CTCF has been shown 
to activate ARTD1 in the absence of stimulation, and could be found at hundreds of 
sites throughout the chromatin [113, 145]. These modes of basal ARTD1 activity-
regulation suggest the involvement of low PARylation levels in transcriptional 
activity and other nuclear functions on a non-induced level. 
An interesting question is whether this basal pre-ADP-ribosylated serves as 
priming ARTD1 to be further activated (i.e. extension of MARylated to PARylated), 
and if increased levels of intracellular Ca
2+
 alone could further activate ARTD1. We 
show indeed that increased intracellular levels of Ca
2+
 by the treatment with 
ionomycin can activate ARTD1-dependent PAR formation, independent of DNA 
lesions (Figure 10). This suggests that Ca
2+
 not only induces DNA lesions, but can 
also activate ARTD1 in a different manner. One alternative would be that Ca
2+
-
dependent kinases activate ARTD1 directly by phosphorylation or indirectly via 
further signaling. However, by knocking down Ca
2+
-dependent CaMKII, which has 
previously been described to modulate ARTD1 activity, we could not observe an 
influence on H2O2-induced PAR formation (data not shown) [106, 237]. We show, in 
our submitted manuscript Andersson et al., that the Ca
2+
-dependent kinase PKCα is 
required for PAR formation, but not responsible for the activation of ARTD1, and that 
the MAPKs, which were previously shown to modulate ARTD1 activity, are not 
involved in the PAR formation induced after 10 min of H2O2 treatment [97, 98, 101]. 
Additionally, we show, and others have shown, that phosphorylation by certain 
isoforms of PKC can act inhibitory on ARTD1 activity [103, 104]. The phosphatase 
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calcineurin is regulated by Ca
2+
 and could potentially be a regulator of ARTD1 
activity by dephosphorylating these inhibitory phospho-residues [250]. Furthermore, 
increased Ca
2+
 levels and subsequent calcineurin activation has recently been 
described to be important for the activity of Brg1 ATPase of the SWI/SNF chromatin 
remodeling enzyme, described to be a calcineurin substrate [250]. As we have shown 
that the chromatin architectural protein HMGB1 controls the H2O2-induced PAR 
formation, one could speculate that the Ca
2+
-induced changes in chromatin 
remodeling by SWI/SNF could be important for the induction of PAR formation. 
Moreover, we found that NEs from ARTD1 KO MEFs activate ARTD1 in 
NEs from wt MEFs, also in the absence of treating the cells with H2O2 (Figure 11). 
The activation of ARTD1 in wt NEs by NEs lacking ARTD1 could be explained by 
an activating signal normally repressed by ARTD1, or a PARylation-repressor 
normally under the control of ARTD1 (Figure 19). One such PARylation repressor 
could be PARG or ARH3, which in wt cells balances the activity of ARTD1, while 
ARTD1 KO NEs could contain a repressor of these hydrolases due to the very low 
PAR levels [71, 251]. To address this, NEs from cells lacking PARG and/or ARH3 
could be used together with the ARTD1 KO NEs. Additionally, future studies should 
be performed addressing the effect of Ca
2+
 on PARG and ARH3 activity in vivo, as 
the Ca
2+
-dependent activation of PAR formation could be due to the repression of 
hydrolases to allow ‘primed’ ARTD1 full activity. The repression of hydrolases could 
be a Ca
2+
-dependent, but DNA lesion independent mode of ARTD1 activation.  
4.4 ARTD1 activity is controlled by HMGB1 via PKCα-mediated 
phosphorylation during oxidative stress 
H2O2-induced PAR formation was found to be strongly dependent on Ca
2+
, as well as 
the Ca
2+








A1 KO NE. x 
Activator (x),  
(repressed by ARTD1) 
Repressed repressor (x), 
(under the control of ARTD1) 
Figure 19. Schematic explanation of two hypothetical modes how NEs from ARTD1 KO MEFs can activate
ARTD1 in wt NEs. 
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phosphorylation of ARTD1 by this kinase did not affect ADP-ribosylation in vitro. 
However, we discovered that the histone-like protein HMGB1 controls ARTD1 
activity, and PKCα-mediated phosphorylation of HMGB1 is required to allow full 
activation of PAR formation by H2O2. Nevertheless, by which mechanism HMGB1 
controls ARTD1 activity, and how the phosphorylation of HMGB1 induces PAR 
formation, needs further investigation. This thesis shows that HMGB1 and ARTD1 
interact in vivo. However, upon H2O2 treatment, the interaction is lost (Figure 13a). 
This implies that either the activation of ARTD1 leads to their dissociation, or another 
H2O2-induced signaling event, e.g. phosphorylation, interferes with the interaction 
between ARTD1 and HMGB1. When incubating HMGB1 with ARTD1 in vitro, no 
effect was observed on DNA-induced PAR formation by ARTD1. However, it would 
be interesting to investigate whether the interaction of HMGB1 and ARTD1 in vivo in 
the presence of chromatin leads to the repression of ARTD1 activity. HMGB1 and 
ARTD1 were reported to compete for the same site of the nucleosome as well as to 
certain structures of DNA, and unphosphorylated HMGB1 could thereby act as a 
block for ARTD1 DNA-binding and subsequent activation [95, 159, 162, 172]. 
Previous reports have shown that PKC phosphorylates HMGB1, which changes its 
localization, DNA-binding preference and DNA-bending ability [180, 189, 190]. We 
could also show a decreased H2O2-induced chromatin release of HMGB1 upon PKCα 
knockdown, and the release of HMGB1 from the chromatin and nucleus upon PKC-
mediated phosphorylation would allow full activity of ARTD1.  
Alternatively, the enhanced DNA bending activity by HMGB1 upon PKCα-
mediated phosphorylation could be involved in the activation of ARTD1. HMGB1-
mediated DNA bending has been described to be involved in several processes, such 
as the recruitment of transcription factors, the initiation of chromatin remodelers and 
the enabling of DNA repair factor binding to DNA [165, 175, 252]. The v-like 
structure in DNA, formed by HMGB1 upon bending, facilitates the binding of 
chromatin remodelers to nucleosomal DNA and has been shown to facilitate the 
sliding of nucleosomes [165, 253]. This way of increasing the accessibility to 
nucleosomal DNA could be important for the activation of ARTD1 e.g. upon DNA 
break formation at nucleosomal DNA.  
  To find the mechanism by which PKCα regulates PAR formation through 
HMGB1, we would need to confirm the phosphorylation sites of HMGB1 by PKCα in 
vivo, upon H2O2-induced oxidative stress. Identifying the PKCα-specific 
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phosphorylation sites on HMGB1 by mass spectrometry would allow the cloning of 
HMGB1 phosphorylation mutants, and thereby a tool to study PKCα-mediated 
phosphorylation of HMGB1 and its functional consequences on chromatin changes 
and in H2O2-induced PAR formation in vivo.  
 Taken together, we could show that PKCα-mediated phosphorylation of 
HMGB1 regulates ARTD1 activity. The phosphorylation leads to a partial chromatin 
release of HMGB1, which could contribute to the enhanced PAR formation, although 
the change in chromatin affinity of phosphorylated HMGB1 could potentially also 
play a role. This reveals a regulation of ARTD1 by chromatin structure and 
composition, which has only been shown before in vitro [94]. Future studies to shed 
light onto how the chromatin surrounding affects ARTD1 would be of very high 
interest, both regarding its enzymatic activity in response to oxidative stress, and its 
function as a co-regulator of transcription upon stimulation with other stimuli, such as 
LPS (see below).  
4.5 PKCα-mediated chromatin phosphorylation could regulate ARTD1 activity 
Whether the HMGB1 phosphorylation by PKCα in vivo, in the chromatin context, 
affects the ARTD1 activity alone remains to be determined. There is also the 
possibility that PKCα regulates other chromatin-associated proteins in addition to 
HMGB1 that influence H2O2-induced PAR formation, such as heterochromatin 
protein (HP) 1. Chromatin-associated ADP-ribosylation upon H2O2 treatment is 
mainly detected at areas with an increased amount of H3K9me3 (submitted data from 
our lab), a heterochromatic mark that can be bound by HP1 [127]. A recent study 
shows how the specificity of HP1 for tri- as opposed to unmethylated H3K9 requires 
phosphorylation by CK2 [254]. Whether PKCα phosphorylates HP1 is not yet known, 
but it would be interesting to investigate whether the recruitment of phosphorylated 
HP1 to H3K9me3 is involved in H2O2-induced PAR formation. HP1 can be recruited 
to sites of DNA-damage within seconds, independently of repair factors, and has 
additionally been described to bind oxidative DNA lesions [255]. ARTD1 has been 
shown to interact with HP1, which could be a potential way of ARTD1-activation at 
sites of DNA-damage within heterochromatic regions [256]. 
Another protein often associated with heterochromatic regions and target of 
phosphorylation is the linker histone H1 [115]. Phosphorylation of H1 has been 
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described to lead to its release from chromatin and result in cellular proliferation [130, 
140]. However, its influence on ARTD1 activity is not yet known. H1 and ARTD1 
bind to overlapping sites on chromatin, at the dyad axis where the DNA exits the 
nucleosome, and have been shown to be mutually exclusive on the chromatin [94, 
257]. Furthermore, histone H1 can be removed by HMGB1 from the chromatin [169], 
and should this removal require phosphorylation of HMGB1 by PKCα, it could serve 
to enhance the accessibility for ARTD1 binding to these sites and be another mean of 
PKCα to influence ARTD1 activation.  
The PKCα-mediated phosphorylation of histones in vitro had no effect on 
ARTD1 activity (Andersson et al.), but could potentially still play a more important 
role in the context of chromatin in vivo. In Drosophila, acetylated H2A in 
combination with JIL-1-mediated phosphorylation of H2Av leads to the activation of 
ARTD1 [138]. However, we have shown that neither histone hyperacetylation upon 
HDAC inhibitor treatment, nor inhibition of MSK1, the JIL-1 mouse analogue, has an 
effect on H2O2-induced PAR formation (Figure 11). Although, the phosphorylation of 
H2A by other kinases, such as PKCα, could potentially regulate ARTD1 upon 
oxidative stress. 
4.6 ADP-ribosylation of HMGB1 
We additionally demonstrated that HMGB1 is ADP-ribosylated by ARTD1 and that 
the main acceptor site is between aa 121-126 (Figure 13). To further investigate the 
modification site on HMGB1 and the functional relevance of ADP-ribosylated 
HMGB1, overexpression of HMGB1 ADP-ribosylation deficient point-mutations and 
wild-type with a subsequent IP of HMGB1 from cells upon LPS or H2O2 stimulation 
could be performed and analyzed by mass spectrometry. Due to recent technical 
advances in our lab for these techniques [32, 33], significant ADP-ribosylation sites 
upon various stimuli would be possible to determine. Using these and previous hits, 
stimulus-specific ADP-ribosylation deficient mutants of HMGB1 could be generated, 
and used to study the effect of the ADP-ribosylation under oxidative stress and 
inflammatory conditions. The site-specific mutagenesis of HMGB1, K126R, has 
revealed a decrease of approximately 30% in ARTD1-mediated ADP-ribosylation in 
vitro (Figure 13d), and this mutant could thus be used for further studies in vivo. 
However, to obtain a stronger reduction of ADP-ribosylation, and since R has also 
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been suggested as ADP-ribosylation acceptor sites, mutagenesis of other amino acids 
and to alanine (A), could serve as a better tool to investigate the effect of ADP-
ribosylation of HMGB1 in vivo. Although, the risk of a distorted protein structure in 
this important DNA-intercalating protein region needs to be kept in mind [151].  
4.7 The effect of HMGB1 ADP-ribosylation  
There is a high level of circulating HMGB1 in serum from sepsis patients, and 
HMGB1 has been described as a major cause of sepsis [217, 258]. ARTD1 KO mice, 
as well as mice treated with PARPi are resistant towards septic shock, and show a 
reduction in circulating pro-inflammatory cytokines [211]. ARTD1-dependent ADP-
ribosylation of HMGB1 has been described to promote the release of HMGB1 upon 
stimulation of cultured cells with inflammatory stimuli [36, 188], something we have 
confirmed by the decreased LPS/ATP-dependent HMGB1 release in the presence of 
PARPi (Figure 14b). As PARPi have been suggested to be protective against sepsis, 
measuring the serum-levels of HMGB1 in LPS-challenged ARTD1 KO or PARPi-
treated mice would tell us whether the observation made in cell culture is reproduced 
in vivo. Additionally, overexpressing an HMGB1 ADP-ribosylation-deficient mutant 
in HMGB1 KO mice, as well as treating HMGB1 KO mice with PARPi, and measure 
LPS-induced cytokines and the incident of sepsis would be of great interest to 
elucidate the function of HMGB1 ADP-ribosylation in sepsis and septic shock. 
Further investigations on the hydrolase responsible for the removal of ADP-
ribosyaltion from HMGB1 in vitro and follow-up studies in vivo would be interesting 
and could tell more about the biological function of the modification. The various 
ADP-ribosylation hydrolases have been reported to have different amino acid 
specificities and different localizations [52, 64-67]. The localization of the responsible 
hydrolase would hint whether HMGB1 is de-modified before it is released from the 
nucleus, in the cytoplasm, or in endosomes and thereby reveal the dynamics and 
function of the modification.   
The HMGB1 released from cells during inflammation is found to be oxidized, 
and functions comparable to a cytokine [224, 225]. In the ADP-ribosylation assays, 
only the oxidized HMGB1 seems to be modified by ARTD1 (Figure 13) [259, 260]. 
This shows that PTM of HMGB1 depends on its redox-state. It also implies that the 
ADP-ribosylation of HMGB1 upon inflammatory stimulation could be initiated by the 
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change in intracellular redox-state and thereby signal oxidative stress to the 
extracellular environment [224].  
 Together, these studies reveal an important regulatory function of ARTD1 
activity on HMGB1 localization suggesting that these two proteins are able to 
regulate each other, and that the kinetics and the type of stimulus regulate the 
dynamics of their interactions. HMGB1 controls the activity of ARTD1 upon H2O2-
treatment, while ARTD1 seems to regulate the localization of HMGB1 upon 
prolonged LPS stimulation, suggesting that ARTD1 in certain conditions can 
contribute to the removal of its own repressor. 
4.8 Regulation of IL-6 transcription by MLL1 and ARTD1 
We could show that ARTD1 is regulating LPS-induced p65-dependent transcription 
of IL-6 by repressing MLL1 and subsequently reduce H3K4me3 at the promoter of 
IL-6 (Minotti et al.). This demonstrates the ability of ARTD1 to influence the 
chromatin-composition and the resulting gene expression. The regulation of MLL1 by 
ARTD1 was independent of its enzymatic activity. However, in previous publications 
ARTD1 has been shown to ADP-ribosylate KDM5B, thus inactivating it, and 
subsequently leading to up-regulation of H3K4me3 at active promoters [35]. The 
differential regulation of H3K4me3 could be explained by the presence or absence of 
a local ARTD1 activating signal, such as topoisomerase IIβ-induced breaks [140, 
261]. Topoisomerase IIβ has been described to be activated upon demethylation of 
H3K9me2/3 and H3K4me2 by the lysine-specific demethylases KDM1A and 
KDM4A [262]. Upon demethylation by KDM1A (oxidase) and KDM4A 




local oxidation occur, which damages the DNA 
[263]. This could imply that ARTD1 is only activated on a certain subset of gene 
promoters to inhibit the demethylation of H3K4me3 and prolong gene expression, 
while on other promoters, the mode of action is repressory due to the lack of ARTD1 
activating signal.   
To investigate whether the described regulation of MLL1 by ARTD1 can be 
observed for several inflammatory genes, and whether it is specific for NF-κB target 
genes, ChIP-seq analyses of ARTD1 and H3K4me3 upon LPS-stimulation could be 
performed and compared to H3K4me3 in ARTD1 KO and MLL1 KO cells. 
Verification of the ARTD1 and MLL1 regulated genes by qPCR would provide 
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further insights into ARTD1-mediated gene regulation through the inhibition of 
MLL1-mediated histone methylation. 
The methyltransferase SET7/9 is responsible for the mono-methylation of 
H3K4, which is one of the histone-marks at poised/active enhancer regions [264, 
265]. Interaction between SET7/9 and p65 was observed in monocytes upon TNFα-
stimulation, and SET7/9 enhances TNFα-dependent gene transcription by mediating 
H3K4me1 and by competing with histone-deaceylases and precluding H3K9me3 
[266, 267]. We have shown how SET7/9 mono-methylates ARTD1 to enhance its 
activity (Kassner et al.). Thus, another potential distinction whether ARTD1 becomes 
enzymatically activated or not, at the enhancers or promoters of ARTD1-regulated 
genes, could be the methylation of ARTD1 by SET7/9. Whether SET7/9 can regulate 
the activity of ARTD1 upon inflammatory stimuli, and what effect this would have on 
gene expression, would need to be further investigated. One approach would be to 
overexpress an ARTD1 K508 mono-methylation mutant in ARTD1 KO cells, to treat 
the cells with inflammatory stimuli, and to compare the inflammatory gene response 
to that of ARTD1 KO cells complemented with wt ARTD1. Additionally, studying 
H3K4me3 and MLL1 occupancy at promoters of ARTD1-regulated genes in the 
presence of K508 mutant or wt ARTD1, would tell us whether mono-methylation of 
ARTD1 can direct ARTD1’s enhancing or repressor effect on H3K4me3. 
4.9 Co-regulation of IP-10 by ARTD1 and HMGB1  
We provide evidence that ARTD1 and HMGB1 co-regulate IP-10, but not IL-6 or 
MIP-2 gene expression upon LPS- and TNFα-stimulation of MEFs (Figure 15, 16). 
This suggests that ARTD1 and HMGB1 both have common, but also separate 
regulatory functions on NF-κB-dependent genes.  
Due to the role of ARTD1 in regulating H3K4me3 at the promoters of 
stimulus-regulated genes [35, 268], it would be interesting to investigate the levels of 
H3K4me3 at the IP-10-promoter site, and whether this histone mark changes upon 
knockdown of HMGB1, but also the knockdown of ARTD1. HMGB1 is known to 
facilitate the recruitment of transcription factors, but also chromatin remodelers, 
which could be crucial for gene expression [165, 175, 176, 178]. The co-regulation of 
IP-10 by HMGB1 and ARTD1 could be due to an HMGB1-dependent recruitment of 
additional factors, such as chromatin remodelers or acetyltransferases needed for 
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ARTD1’s function as a cofactor of NF-κB, and could additionally explain the gene 
specificity [269]. Further interaction studies upon LPS-stimulation between ARTD1, 
HMGB1, chromatin remodelers and other NF-κB cofactors would provides us further 
evidence regarding such a possible mechanism.  
Both ARTD1 and HMGB1 bind to the linker DNA at the exit/entry point of 
the nucleosomes, comparable to histone H1, and have both been described to be able 
to displace H1 from the chromatin [140, 168]. If this displacement is activated upon 
inflammatory stimuli, this could promote a more accessible chromatin around the 
regulatory sites of the NF-κB-dependent genes, and subsequently enhance 
transcription. Not only the linker histone H1 was shown to be displaced by HMGB1, 
but also the movement and displacement of core histones is facilitated by HMGB1 
[164-166]. HMGB1 has also been described to facilitate nucleosome sliding, 
nucleosome assembly/disassembly, and interact with the histone chaperone FACT, 
implying that the incorporation of histone variants, specific for active transcription, 
could be influenced by HMGB1 [161, 162, 270]. Taken together, this suggests that 
HMGB1 might facilitate a remodeling of the chromatin to allow NF-κB binding and 
cofactor association, including ARTD1, and subsequent induced gene expression. 
4.10 H2O2-induced tolerance is specific for certain inflammatory genes 
We could show that not only LPS induces a tolerant state in MEFs and RAWs, but 
also the stimulation with H2O2 for 10 min induces a tolerance effect on IP-10, but not 
IL-6 gene expression (Figure 18). The fact that we can observe an endotoxin tolerance 
(ET)-like state upon H2O2-treatment suggests that oxidative stress has a highly 
relevant function in the modulation of the initial inflammatory response. The 
stimulation with H2O2 changes the oxidative state of the cell and induces various 
signaling pathways, which in turn activate inflammatory signaling [271]. H2O2 was 
also described to have an inhibitory effect on NF-κB activation and nuclear 
translocation, but since the different NF-κB-dependent genes showed different 
tolerance induction, this is likely not what we observed [273]. H2O2-stimulation 
activates also Akt, IKK, the MAPK pathway and protein phosphatases which can all 
lead to activation of the NF-κB pathway and the expression of cytokines [272]. This 
in turn could contribute to the induction of a tolerance-like state in a similar manner 
as by LPS [273]. It has been shown that the MAPK p38 and JNK are important for 
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IP-10 gene expression [274, 275], and p38 and ERK1/2, but not JNK, are important 
for IL-6 gene expression [276-278]. Thus, one could speculate that the gene 
specificity for the induced tolerance by H2O2 could be due to a specific activation of 
JNK, which would lead to IP-10 gene expression but also subsequent silencing. The 
silencing of genes during ET is reported to be due to a chromatin rearrangement at the 
promoters of the inflammatory genes, thus the specificity of tolerance induction could 
be due to the nucleosome occupancy and promoter environment at different genes 
[269, 279]. MAPKs can regulate HATs and HDACs, which are required to promote 
transcription, but also for the induction of tolerance at specific genes [280, 281]. 
Additionally, the induction of the NF-κB subunit RelB, which is increased upon ET, 
has been shown to be regulated by JNK, indicating an important role of this MAPK in 
regulating H2O2-induced ET [282, 283].  
ET has been thought of as a protective mechanism against septic shock and 
ischemia, but is also associated with high risks of secondary infections [234]. That 
H2O2 can induce an ET-like state suggests that increased cellular metabolism, leading 
to increased ROS, could modulate the inflammatory responsiveness of cells as well. 
This provides an additional link between the cellular metabolic state and 
inflammation. Moreover, these results indicate that also exposure to ROS by 
exogenous sources, such as smoke or UV, could lead to a higher risk of unresolved 
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